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Abstract 

Vagus nerve stimulation (VNS) is a neuromodulation therapy with the potential to treat a wide 

range of chronic conditions in which inflammation is implicated, including type 2 diabetes, obesity, 

atherosclerosis and heart failure.  Many of these diseases have well-established mouse models but due 

to the significant surgical and engineering challenges that accompany a reliable interface for long-term 

VNS in mice, the therapeutic implications of this bioelectronic approach remain unexplored. Here, we 

describe a long-term VNS implant in mice, developed at 3 research laboratories and validated for 

between-lab reproducibility. Implant functionality was evaluated over 3-8 weeks in 81 anesthetized or 

conscious mice by determining the stimulus intensity required to elicit a change in heart rate (heart rate 

threshold, HRT). HRT was also used as a method to standardize stimulation dosing across animals. 

Overall, 60-90% of implants produced stimulus-evoked physiological responses for at least 4 weeks, with 

HRT values stabilizing after the second week of implantation. Furthermore, stimulation delivered through 

6-week-old implants decreased TNF levels in a subset of mice with acute inflammation caused by 

endotoxemia. Histological examination of 4- to 6-week-old implants revealed fibrotic encapsulation and no 

gross fiber loss. This implantation and dosing approach provide a tool to systematically investigate the 

therapeutic potential of long-term VNS in chronic diseases modeled in the mouse, the most widely used 

vertebrate species in biomedical research. 
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Introduction 

The vagus is a cranial nerve tasked with maintaining internal organ homeostasis by 

mediating several autonomic reflexes between the brain and periphery [1]. It also plays a central role in 

controlling inflammation via a recently mapped neuroimmune mechanism, termed the inflammatory reflex 

[2-5]. Work by Tracey et al. has demonstrated that vagus nerve signals decrease inflammatory cytokine 

release by macrophages in the spleen [6-8]. This finding stimulated a large body of work looking to 

expand the clinical utility of vagus nerve stimulation (VNS), an intervention already approved for epilepsy 

[9] and depression [10], to diseases with an inflammatory component. Currently, long-term VNS is being 

explored in the treatment of brain disorders, such as tinnitus [11, 12], stroke [13, 14], and Alzheimer’s 

disease [15, 16], as well as peripheral organ and systemic diseases, including heart failure [17], cardiac 

arrhythmias [18-21], pulmonary hypertension [22, 23], rheumatoid arthritis [24], Crohn’s disease [25], and 

lupus [26].  Additional possible indications for VNS include common disorders in which inflammation is 

implicated, such as type 2 diabetes, obesity, and atherosclerosis [27-30].  

The preclinical study of VNS in models of chronic diseases requires a long-term VN implant and 

has been mostly limited to neurological and cardiovascular diseases modeled in rats and large animals 

[19, 21, 23, 31-38]. Although the mouse is considered the species of choice in the study of disease 

mechanisms and the standard for preclinical therapeutic screening [39, 40], translational VNS research in 

mice has been limited to acute delivery of stimulation [41-49]. This is mainly due to the significant surgical 

and technical challenges for a mechanically- [50-52] and electrochemically- [53, 54] stable long-term 

interface with the microscopic anatomy of the mouse vagus nerve. As a consequence, the therapeutic 

role of VNS in many models of chronic diseases is largely unexplored, as are the long-term effects of 

VNS. A functional and reliable long-term VNS implant in the mouse will broaden the translational potential 

of VNS and provide an experimental tool to probe the chronic effects of vagal neuromodulation. 

Here we describe a surgical technique to permanently implant a micro-cuff electrode onto the 

mouse cervical vagus for long-term neurostimulation. The technique was developed and refined through a 

collaboration between 3 research labs (Feinstein Institutes, University of Colorado, and New York 

University) and validated in cohorts tested in 2 of those labs. We also provide a standardized method to 
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test implant functionality in anesthetized or conscious animals and to deliver a consistent “stimulation dose” 

within and across animals over several weeks after implantation. In 4 cohorts of animals (81 mice in total), 

we document predictable and consistent longitudinal implant performance, with expected stimulus-elicited 

physiological responses for more than 4 weeks. We also demonstrate that VNS delivered through 6-week 

old implants was successful at reducing serum TNF levels in a subset of mice with acute endotoxemia. 

Finally, we find that implantation of these cuffs induced fibrotic encapsulation, but nerve fibers were largely 

preserved. This method will allow screening of VNS therapies in several models of disease in which 

inflammation is implicated and facilitate mechanistic studies of long-term vagal neuromodulation. Further, 

it will provide a tool to better understand the role of autonomic afferent signaling in memory and behavior. 

Methods 

Electrode preparation 

Bipolar platinum-iridium micro-cuff electrodes with an internal diameter of 150 μm (MicroLeads 

Neuro, Somerville, MA) or 100 μm (CorTec, Germany) were soldered to gold sockets after cutting the 

lead wires to a length of 2.5-3.0 cm (Fig 1A). Electrical impedance was measured in saline for each 

electrode at 1 kHz using MicroProbes Impedance Tester (MicroProbes, Gaithersburg, MD). For 

sterilization, the soldered electrodes were submerged in 0.55% ortho-phthaladehyde solution (Cidex 

OPA, Advanced Sterilization Products, Irvine, CA) or 70% ethanol for 15 mins, rinsed 4 times with sterile 

saline, and if Cidex used sonicated in saline for 5 minutes as a final rinse.  

Implantation procedure 

Male C57BL/6 mice were purchased from Charles River Laboratories (Wilmington, MA) at the 

age of 8-12 weeks. Animals were housed under 12-hour light/dark cycle with ad libitum access to food 

and water. All animal experiments complied with relevant ethical guidelines and were approved by the 

Institutional Animal Care and Use Committee (IACUC) of the Feinstein Institutes for Medical Research 

and University of Colorado Anschutz Medical Campus. The surgery features an implantation of a cuff 
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electrode on the cervical vagus nerve with lead wires that are tunneled to a headcap secured with dental 

cement to the skull (Figs 1B and 1C).  

Mice were placed on a heated surgical platform equipped with a dissecting microscope in the 

supine position under isoflurane anesthesia at 4% induction and 1.5% maintenance. Hair over the neck 

area was removed using a depilatory cream (Nair, Church & Dwight, Ewing, NJ) or with an electric shaver 

and skin disinfected using alternating swabs of betadine and 70% ethanol. A 1-cm vertical incision was 

made starting at the level of the sternal notch about 0.5 cm left of midline (Fig 1D). The left lobe of the 

parotid (salivary) gland (PG) was bluntly dissected away from subcutaneous tissue (SCT) (Figs 1D and 

1E). The muscles forming the anterior triangle were exposed providing a window to view the carotid 

sheath (CS) housing the carotid artery (CA), vagus nerve (VN), and internal jugular vein (IJV). Using blunt 

dissection, the carotid sheath was isolated and the VN carefully dissected away from the fibrous 

connective tissue (Fig 1F). The incision site was temporarily closed, and the mouse was turned to the 

prone position to access the skull. The head was shaved and disinfected with alternating swabs of 

betadine and 70% ethanol. After application of a local analgesic, a fold of skin over the center of the skull 

was removed exposing bregma and lambda. The exposed skull was treated with 3 alternating rinses of 

hydrogen peroxide and saline, while gently scoring the skull surface with a sterile scalpel in between 

rinses (Fig 1G). After drying the skull with compressed air, acrylic dental cement (Metabond, Parkell, 

Edgewood, NY) was applied to the right half of the exposed area and allowed to set for 5 minutes.  Using 

blunt dissection at the left edge of the scalp incision, a subcutaneous tunnel was created between the 

animal’s eye and ear down to the ventral neck incision location (Fig 1H). Alternatively, the subcutaneous 

tunnel can be performed from caudal to the dorsal ear at the base of the skull to the ventral incision. The 

pre-formed subcutaneous tunnel was accessed using blunt dissection at the lower edge of the neck 

incision, and a pair of fine straight forceps were used to pull the electrode cuff subcutaneously into the 

neck area (Fig 1H). The cuff was further tunneled under the sternomastoid muscle and placed on the VN 

situated close to the nerve’s original anatomic position with care taken to avoid excessive manipulation 

(Fig 1I). To confirm successful electrode placement, a brief stimulus was delivered through the 

externalized electrode leads to measure heart rate response. The neck incision was then closed with 6-0 
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nylon suture and the animal turned to the prone position. The externalized connectors were held at an 

angle against the exposed part of the skull and acrylic dental cement (Metabond) applied covering the 

leads and part of the connectors and allowed to set for 5 minutes (Fig 1B). To seal the headcap to the 

skin, liquid surgical adhesive (Vetbond, 3M, Saint Paul, MN) was applied to the skin-cement junction. The 

mice were moved to clean, warmed cages and monitored until conscious and mobile. The surgical 

procedures were carried out under strict aseptic conditions, and animals were supplemented with warm 

saline intra- and post-operatively.  

In some experiments, mice were instrumented with implanted ECG electrodes to measure HRT in 

awake behaving animals. Following the surgical approach described above, 3 platinum wires were 

tunneled subcutaneously along the cuff leads from the skull to the ventral neck. The left ECG lead was 

tunneled subcutaneously through a 1-cm incision at the left costal margin and the exposed part fixed to 

the underlying muscle with 6-0 nylon suture. The right ECG lead was tunneled subcutaneously from the 

neck incision and sutured to the pectoralis muscle. The ground ECG lead was imbedded in the neck 

between the right lobe of the salivary gland and the skin. The ECG and cuff leads were connected to a 

multi-channel nano-connector (Omnetics Connector Corporation, Minneapolis, MN) and cemented to the 

skull as described before. 
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Fig 1. Surgical procedure for long-term implantation.  

 (A) Lead wires of cuff electrodes were cut to a length of 2.5-3.0 cm and soldered to gold pins. Inset: 

en face (i) and side (ii) view of 150 µm Microleads cuff electrode. (B, C) Overview of implant, headcap 

with pins and location of the vagus nerve (VN) cuff. (D) A 1-cm ventral incision is made about 0.5 cm 

lateral to the sternal notch, exposing subcutaneous tissue (SCT) and the parotid gland (PG). (E) SCT 

is bluntly dissected freeing the PG which is then retracted from view exposing the carotid sheath (CS). 

(F) The vagus nerve (VN) is bluntly dissected away from the carotid artery (CA) and the internal 

jugular vein (IJV). (G) The scalp is incised to expose lambda and bregma. (H) A subcutaneous tunnel 

is created from skull base to cervical incision site, either between the eye and ear (depicted) or 

directly caudal to the ear. (I) The cuff is tunneled under the sternomastoid muscle and implanted on 

the vagus nerve. Pins are finally secured to the skull with dental cement. Created with 

BioRender.com. 
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Nerve stimulation and physiological monitoring 

Experiments were carried out in 4 separate cohorts of mice at two independent laboratories: 

cohorts 1-3 at Feinstein Institutes, and cohort 4 at University of Colorado. In cohorts 1-3, electrode 

functionality was evaluated based on the ability to induce a decrease in heart rate (HR) during stimulation 

in anesthetized animals.  Heart rate threshold (HRT) was defined as the minimum current intensity 

required to elicit a 5-15% drop in heart rate using a stimulus train of 300 bi-phasic, charge-balanced, 

square pulses at a pulsing frequency of 30 Hz with 0.1, 0.5, or 1 ms pulse widths (PW). In most cases, 

HRT was initially determined with 100 µs PWs, which was changed to 500 µs and finally to 1000 µs 

whenever HRT exceeded 2 mA; in 4 mice, HRT was determined at all 3 PWs over several sessions.  In 

cohort 2, mice were tested on 3-7 days during the first week post-implantation then once or twice weekly 

thereafter, whereas cohorts 1 and 3 were tested less frequently or regularly. During testing sessions, 

anesthetized mice were instrumented with ECG electrodes and a nasal temperature sensor to measure 

ECG and nasal air flow and calculate heart and breathing rates. The physiological signals were amplified 

using a biological amplifier (Bio-amp Octal, ADInstruments) for ECG and Temperature Pod 

(ADInstruments) for nasal temperature and digitized using PoweLab 16/35 (ADInstruments). The digital 

signals were then streamed to a PC running LabChart v8 (ADInstruments). VNS was delivered by a rack-

mounted stimulus generator (STG4008, Multichannel Systems, Reutlingen, BW Germany). In cohort 4, 

performed at University of Colorado Anschutz Medical Campus, stimulation response was defined as a 

reduction in HR measured with an infrared paw sensor (Mouse Stat Jr, Kent Scientific) or respiratory rate 

(measured visually) in response to a stimulus train of 0.2-1 mA intensity, 100us PW, and 30Hz frequency. 

Stimulation failure occurred when there was no response in either heart rate reduction or breathing rate 

alterations. Further failures included headcap failure. This cohort was designed for behavior and was 

tested regularly within the first 14 days. Thereafter, a random subset of the mice had additional 

stimulation testing on a per needed basis for further experiments. 

In awake experiments, animals implanted with ECG leads were gently restrained and connected 

to a commutator (P1 Technologies, Roanoke, VA) that interfaced with the stimulus generator and the bio-

amplifier; HRT was determined as described above. Intensity at maximum charge injection capacity (CIC) 
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was calculated using the average reported value of CIC for platinum iridium (50 - 150 µC/cm2) [55, 56] 

applied to the implanted electrode surface area (0.00474 cm2) for PWs of 500 µs (cohort 2 and 3) and 

600 µs (cohort 1). 

LPS endotoxemia challenge 

Eight-week old mice were implanted with a left VN cuff as described before. HRT was determined 

once weekly for 4 weeks, then animals were left unstimulated for 2 weeks to avoid any long-lived VNS 

effects. On week 6 post-implantation, VNS was delivered to animals under anesthesia at HRT intensity 

using 250 ms PW and 10 Hz frequency for 5 minutes. Lipopolysaccharide (LPS, Sigma-Aldrich, St. Louis, 

MO) was administered to mice (0.1 mg/kg, i.p.) 3 hours after stimulation. Blood was collected by cardiac 

puncture 90 minutes post-LPS injection and left to clot for 1 hour at room temperature. The blood 

samples were then centrifuged at 2000 xg for 10 minutes and serum collected for TNF determination by 

ELISA (Invitrogen, Carlsbad, CA) following the manufacturer’s instructions. 

Histology and immunohistochemistry  

Mice with chronic implants of at least 4 weeks were euthanized and segments of the neck were 

excised and fixed in 10% buffered formalin for at least 2 weeks. Fixed segments were then prepared for 

frozen sectioning. Serial cross-sections of the tissue specimens were obtained at 50 µm thickness using a 

cryostat. Standard immunohistochemical protocols were followed to stain the mounted sections for 

neurofilament [57]. Briefly, sections were rinsed with 1x Tris-buffered saline (TBS) then blocked for 1 hour 

using 1% normal goat serum and Triton X-100 (Sigma Aldrich) in TBS. Sections were then incubated with 

primary anti-bodies against neurofilament (1:500, ab8135, Abcam) overnight at 4°C. The following day, 

sections were rinsed and incubated with goat anti-rabbit Alexa 488 secondary antibody (1:500, Fisher 

Scientific) for two hours at room temperature. Following incubation, stained slides were rinsed 3 times 

with TBS buffer then mounted with Fluoromount-G (Thermo Fisher Scientific). Images of the vagus nerve 

were obtained with 100X magnification using a Keyence BZ-X810 fluorescence microscope (Keyence, 

Japan). The left vagus nerve was identified either within the tissues covering the upper margin of the cuff 

or in the most anterior part of the neck adjacent to the cuff. The right vagus nerve was identified in its 
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anatomic position at the level of the esophagus. Fibers larger than 1.5 µm were measured and counted 

using ImageJ. 

Results 

Cervical vagus nerve stimulation through the long-term implant produces 

changes in heart rate and breathing rate 

The cervical vagus nerve (VN) comprises parasympathetic motor and visceral sensory fibers that 

regulate many physiological functions, including heart rate (HR) and breathing [1, 58, 59]. To determine 

whether the implanted electrodes were functional, we stimulated the VN with increasing current intensity 

while measuring stimulus-elicited changes in HR and breathing rate (BR) in animals under isoflurane 

anesthesia. Cervical VNS produced decreases in HR as well as changes in BR (Fig 2A). The magnitude 

of HR reduction was dependent on current intensity (Fig 2B), whereas BR showed more variable 

responses, including tachypnea, bradypnea, and apnea (Figs 2A and 3A). In general, HR response was 

more reliable and occurred at lower intensities than BR response (data not shown). In awake behaving 

mice (n=2), VNS produced comparable dose-dependent HR responses (S1 Movie). Animals receiving 

awake VNS did not show any signs of distress or visible changes in BR. 
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Fig 2. Dose-dependent physiological responses to cervical VNS. 

(A) Representative traces from a chronically implanted mouse showing nasal air flow (top panel) and 

extracted breathing rate (BR, second panel), and ECG (third panel) and extracted heart rate (HR, 

fourth panel). Trains of VNS of increasing intensity from 200 to 800 μA (fifth panel, yellow traces), 

caused BR and HR responses with increasing magnitudes. (B) Percentage of HR decrease as a 

function of VNS intensity in 6 chronically implanted mice. 
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Longitudinal changes in heart rate threshold and electrode impedance 

In order to assess the longitudinal functionality of each implant, we determined heart rate 

threshold (HRT) over time, defined as the minimum current intensity of a stimulus train (300 pulses at 30 

Hz) required to elicit an approximately 5-15% decrease in HR. In cohorts 1-3 (completed in April, June, 

and October 2019 at the Feinstein Institutes for Medical Research) HRT and impedance values were 

determined for 3-8 weeks post-implantation. VNS elicited drops in HR and changes in breathing for up to 

8 weeks post-implantation (Fig 3A). In mice of cohort 2, where HRT was measured more consistently, 

initial HRT values determined with 100 µs long pulses were variable among animals (range = 30 µA - 300 

µA, mean = 102, SD = 88) and increased over the first week post-implantation (Pearson r = 0.52, p < 

0.01), whereas HRT values determined with 500 µs long pulses did not change significantly with time (r = 

0.04, p NS) (Fig 3B). HRT values at 100 μs PW were 54% greater on average than those at 500 μs PW, 

and that relationship was maintained over time (Fig 3C). Bipolar electrical impedance in cohort 2 

decreased during the first 2 weeks (r = -0.49, p < 0.01) and then stabilized (r = 0.26, p = 0.08) (Fig 3D), 

while it remained relatively stable over time in cohorts 1 (r = 0.12, p = 0.29) and 3 (r = 0.39, p = 0.12) (S2 

Fig). Pre-implantation impedance values did not correlate with initial HRT (r = 0.50 for cohort 1, r = 0.30 

for cohort 2, p NS in both cases). Interestingly, there was no correlation between the changes in electrical 

impedance values and HRT (r = 0.05, p = 0.66); in some mice, non-functional cuffs continued to record 

relatively low impedance values despite their inability to induce a physiological response (Fig 3E). In 

cohorts 1-3, implant failure occurred more frequently in earlier compared to later cohorts. The percentage 

of mice with functional implants at 4 weeks post-implantation increased from 40% in the cohort 1 to 90% 

in cohort 3 (Table 1). Cohort 4 was specifically designed for behavioral experiments and performed at the 

University of Colorado Anschutz Medical Campus. All implanted mice were checked for stimulation 

efficacy and survival of the surgery within days 1-5 and had a success rate of 96% (50/52 mice). Mice 

that had successful stimulation following days 1-5 were then tested prior to behavioral experiments in 

days 6-14 and demonstrated a success rate of 76% (38/52) (Table 1). After this point, mice had 

stimulation checks performed on a per needed basis for further behavioral testing. Of these, 17/18 and 

11/13 responded to stimulation in the 15-30 and 30+ days’ time period, respectively (Table 1). Implanted 
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mice that were responsive to stimulation prior to behavioral testing remained responsive at a high rate, 

pointing to the long-term viability of the cuff implantation In all 4 cohorts, electrode failures generally 

occurred during the second week post-implantation and implant functionality stabilized thereafter (Table 

1). 
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Table 1. Number of functional implants in each cohort across time. 

 

 Functional cuffs 

Days post-implantation: 1-5 6-14 15-29 30+ 

Cohort 1 (n=10) 8/10 (80%) 6/10 (60%) 4/10 (40%) 4/10 (40%) 

Cohort 2 (n=10) 10/10 (100%) 7/10 (70%) 7/10 (70%) 6/10 (60%) 

Cohort 3 (n=9) 9/9 (100%) 8/9 (90%) 8/9 (90%) -- 

Cohort 4 (n=52) 50/52 (96%) 38/52 (76%) 17/18 (*) 11/13 (*) 

* Group is a random subset of the (6-14 days) functional implants (n=38). 

Implants were tested in 4 cohorts. In cohorts 1-3, implant functionality was determined based on heart 

rate threshold, and implant failure was defined as the absence of a physiological response upon 

stimulation with 3 mA or higher on 3 consecutive testing sessions. In cohort 4, functionality was 

determined based on a reduction in heart rate or breathing rate and failure was defined as absence of 

response with 1 mA on 1 occasion. 

Fig 3. Longitudinal changes in heart rate threshold and electrode impedance.  

(A) Examples of threshold and supra-threshold responses at different implant ages in 2 mice. Heart 

rate threshold (HRT) was defined as the stimulation intensity required to produce a 5-15% decrease in 

HR. Mice elicited HR responses up to 2 months post-implantation. (B) HRT values vs. implant age in 

10 mice from cohort 2. The horizontal red dotted line indicates intensity at maximum charge injection 

capacity (ICIC) calculated for the micro-cuff electrodes. (C) HRT values determined with VNS trains of 

0.1, 0.5 and 1 ms-wide pulses at different implant ages, in 3 mice from cohort 2. (D) Electrical 

impedance values at 1KHz vs. implant age in mice from cohort 2. (E) HRT values plotted against 

electrode impedances in cohort 2 animals, from individual measurements performed during a 40-day 

period post-implant. Infinity HRT values (red-colored data points) indicate implants that did not 

produce a heart rate response up to 5mA.  Pearson correlation was 0.05 (p NS). 
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Implant is associated with fibrosis and preserved nerve fibers in the 

cuffed nerve 

Long-term efficacy of peripheral nerve implants could deteriorate due to nerve damage and/or 

fibrous tissue encapsulation [60, 61]. To determine the impact of these processes in our long-term 

implants, we collected both vagus nerves, cuffed (left) and non-cuffed (right), from animals along with 

surrounding tissue at 4-6 weeks post-implantation for gross and histological analysis. The implant site 

exhibited moderate fibrosis encompassing the cuff surfaces in animals with both functional and non-

functional implants (Fig 4A). Histological analysis revealed largely preserved nerve fibers in the cuffed 

compared with the non-cuffed nerve in the same animal with no obvious axon pathology or fragmentation 

(Fig 4B, S3 Fig).  
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Figure 4. Gross anatomy and histology of cuffed nerve and surrounding tissues. 

(A) Left VN with a micro-cuff electrode dissected from fixed tissue, obtained from a mouse with a 6-

week old implant, showing fibrotic encapsulation. Inset: micro-cuff electrode in a similar orientation, 

with highlighted lead (blue arrowhead) and cuff tip (yellow arrowhead). (B) Cross-section of the neck 

immediately rostral to the cuff (upper panel) from a mouse with a 6-week old implant stained for axons 

(neurofilament, green) and showing landmarks: (1) rostral cuff margin; (2) trachea; (3) esophagus. The 

cuffed left VN (magnified, lower left panel) is located adjacent to the cuff and shows 47 large fibers. 

The non-cuffed right VN (magnified, lower right panel) lies at the level of the esophagus and shows 43 

large fibers. 
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Functional 6-week old implants inhibit TNF release in some endotoxemic 

mice 

Acute VNS decreases serum TNF levels in acute inflammation models by modulating the immune 

response [6]. To test whether our long-term implant can produce a similar effect, we used it to deliver 

one-time VNS in an LPS endotoxemia model (Fig 5A). Seven mice with 6-week old implants received 

VNS (intensity at HRT, PW 250 μs, frequency 10 Hz) or sham stimulation (implanted animals that were 

subjected to anesthesia but no VNS) three hours before LPS administration. Out of the 7 stimulated mice, 

VNS produced a decrease in HR in 4 animals, of which 2 exhibited more that 50% decrease in serum 

TNF compared to sham-stimulated controls and animals with no HR response (Fig 5B). Mice that lacked 

a physiological response had TNF levels comparable to sham-stimulated controls (Fig 5B). 
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Fig 5. One-time VNS through long-term implants in LPS endotoxemia. 

(A) Ten mice with 6-week old implants received either electrical or sham VNS for 5 minutes using 

previously reported parameters (intensity at HRT, PW 250 μs, frequency 10 Hz). LPS was 

administered 3 hours later, and blood was collected 90 min post LPS-injection. (B) Serum TNF levels 

from mice that received sham stimulation (left bar), VNS without HR response (middle bar) and VNS 

eliciting bradycardia (right bar).  Data shown as mean ± SEM. P = 0.167, one-way ANOVA.  

(which was not certified by peer review) is the author/funder. All rights reserved. No reuse allowed without permission. 
The copyright holder for this preprintthis version posted June 23, 2020. ; https://doi.org/10.1101/2020.06.20.160473doi: bioRxiv preprint 

https://doi.org/10.1101/2020.06.20.160473


Discussion 

Vagus nerve stimulation (VNS) is an emerging bioelectronic treatment with possible applications 

in many chronic diseases. However, its translational potential is hindered by the lack of a reliable long-

term VNS implant in mice—the preferred species in the preclinical study of human diseases [62]. 

Development of a simple, well-characterized and reliable long-term VNS interface in mice will allow for 

standardized assessment of long-term VNS efficacy, as well as potential adverse effects, in various 

models of chronic disease. It will also allow mechanistic studies of autonomic tone alterations that might 

accompany long-term VNS. Here, we describe a surgical approach to permanently implant a micro-cuff 

electrode onto the mouse cervical VN and provide a systematic method to assess its functionality over 

time as well as standardize stimulation dosing. Our data demonstrate a robust and reproducible interface 

with the VN capable of producing characteristic physiological responses up to 90 days post-implantation, 

while causing no large-scale axonal damage.  

To maximize the applicability of our tool in various research programs carried out by teams with 

different areas of expertise, we tried to accomplish 2 goals: ease of assembly and use, and 

reproducibility.  Assembly of the implant makes use of only off-the-shelf supplies and materials, including 

commercially available micro-cuffs and common physiological sensors. Determining HRT requires the use 

of a simple rodent heart monitor. The surgical technique, that reflects the aggregate experience of 3 

research groups, was refined and simplified over the course of several animal cohorts.  Finally, validation 

of the longitudinal performance of this implant by 2 research groups supports the reproducibility of this 

method when exercised by different investigators. 

Previous research using VNS in mouse models of disease has been limited to acute, single-

event, stimulation [44, 49, 63]. These studies, although of translational value, provide limited insight into 

the possible role of VNS in the treatment of chronic conditions. Moreover, acute stimulation studies are 

carried out under anesthesia, which confounds the results due to the effects of some anesthetics, such as 

isoflurane, on decreasing vagal tone [64, 65] and suppressing the immune response [66]. In this study, 

we established the feasibility of a long-term vagus interface in mice capable of producing stimulus-elicited 

responses for at least 4 weeks, a period that allows for therapeutic assessment in many models of 
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chronic disease. We also showed that this approach can be used to deliver dose-controlled VNS in 

conscious animals, hence avoiding repeated exposure to anesthetics during the course of long-term 

stimulation, while ensuring consistent stimulation longitudinally and across different animals (S1 Movie). 

VNS in 2 awake behaving animals produced comparable changes in HR as those seen in anesthetized 

animals and implant longevity in those 2 animals ranged between 2 and 3 weeks. 

VNS causes reduction in HR, mainly through activation of efferent cardio-inhibitory fibers [67]. In 

a functional neural interface, increasing stimulation intensity leads to recruitment of more fibers, and 

hence a larger stimulus-evoked response [68]. This is consistent with our observation wherein changes in 

stimulation intensity resulted in a dose-dependent decrease in heart rate (Fig 2B). Additionally, higher 

stimulation intensities lead to the ordered recruitment of different fiber types according to size: from large 

A, to intermediate-size B, to small C fibers [69]. The variable changes in breathing rate we observed at 

different stimulation intensities (Figs 2A and 3A) can be explained by activation of either A or C fibers, 

which differentially affect breathing in mice [59]. In addition, a functional nerve interface exhibits a 

characteristic relationship between intensity and pulse width (strength-duration): to produce a response, 

lower stimulation intensities are required at longer pulse widths, and vice versa [70]. Our long-term 

implants produced HR responses at lower intensities with longer pulse widths, a relationship that 

remained consistent with time (Fig 3C). These findings indicate a robust electrode-tissue interface with 

the VN. 

An effective approach to delivering long-term VNS must include standardized methods for 

verifying implant functionality and controlling stimulation dose over the course of treatment. To evaluate 

electrode performance across time, we used HRT as a quick and accessible measure of fiber recruitment 

in real-time [71]. Initial threshold values were variable among animals and increased over the first week 

post-implantation in almost all mice (Fig 3B). The variation in baseline thresholds at the time of 

implantation was not explained by differences in pre-implantation impedance and is likely due to 

variability in electrode placement, which affects fiber engagement. The gradual increase in HRT over time 

can be attributed to fibrotic encapsulation of electrode surfaces, a process that evolves over days to 

weeks and is known to reduce the efficacy of implanted neural interfaces by increasing tissue resistivity 
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[60, 72-74]. Encapsulation also increases the distance between the nerve and the electrode contact 

surface. This explains why longer PWs were more effective in eliciting HRT in aged implants, as the effect 

of distance on activation threshold is weaker for long  pulses than for short pulses [75]. In addition to 

assessing performance, HRT values were used as a method to estimate individualized stimulation doses. 

Since animals exhibit variable threshold values at baseline and across time, employing fixed parameters 

would result in variable fiber recruitment, inconsistent therapeutic dosing and, possibly, undesirable off-

target effects. This is of particular importance when VNS is delivered therapeutically, wherein 

standardized doses are desirable within and in between animals, and across time. Previous reports from 

rat and large animal models implemented a similar approach to adjust stimulation intensity using 

respiratory twitching [23, 76], and heart rate [44, 77, 78] to standardize stimulation protocols, but not on a 

dose-by-dose basis. Notably, electrical impedance, which is commonly used as a measure of electrode 

integrity and performance [79], did not correlate well with changes in HRT on an individual implant basis 

as implants aged (Fig 3E). In fact, in cohort 2 animals, impedance values tended to decrease over the 

first two weeks as HRT increased (Figs 3B and 3D). For these reasons, we chose to rely on HRT values 

as a reliable indicator of electrode integrity and a method to estimate stimulation dosage [80]. 

Implant longevity can be influenced by abiotic factors [51, 74], among which are lead breakage 

and electrode degradation. We observed 3 cases of lead wire breakage out of 9 non-functional implants 

in cohorts 1-3. In all 3 cases, breakage occurred at the junction between the lead wire and electrode, 

exposing a mechanically weak point that should be reinforced during manufacturing. Neural electrodes 

can degrade with long-term use [54]. This process is accelerated at stimulation intensities that exceed the 

electrode’s ability to transfer charge without undergoing irreversible damage (charge injection capacity, 

CIC) [54, 56]. The damage imparted by exceeding this threshold is not limited to the electrode but can 

affect the nerve as well [81]. Although we did not examine explanted electrodes for morphological or 

electrochemical changes, we did take note of platinum-iridium’s maximum charge capacity [55], which 

was not exceeded in most animals (Fig 3B, S2 Fig). This becomes important when VNS is administered 

therapeutically in chronic models, wherein stimulation protocols may be employed on a daily or hourly 

basis for several weeks. Standardizing stimulation dose could prevent exceeding CIC while still delivering 
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therapeutic stimulation. Mechanical forces generated by chronic cuffing can also damage nerves [82-84]. 

Our histological analysis revealed generally healthy nerves with no obvious fiber loss or axonal 

fragmentation. However, we interpret this preliminary analysis with caution due to the lack of small-fiber 

detail in these relatively thick sections (50 μm). Future studies will include higher resolution images with 

same side non-cuffed controls. Apart from electrode- and tissue-related factors, we found that surgical 

proficiency contributed greatly to implant success, which is evident from the increase in successful 

implantations of cohorts 1-3 (Table 1) completed over several months. Over time, fine adjustments to 

electrode placement, surgical approach, and post-surgical care lead to higher success rates. 

The potential wide therapeutic applicability of VNS lies in part in its ability to modulate 

inflammation, a process thought to underlie the pathogenesis of many common diseases [27-30]. This 

effect was first described in a model of LPS endotoxemia, wherein acute VNS suppressed TNF release 

[6], and has since been established as a functional read-out of the anti-inflammatory action of VNS [42]. 

For these reasons, we sought to determine whether several weeks-old long-term implants could 

reproduce that effect. We observed a considerable decrease (> 50%) in serum TNF in 2 out of 4 animals 

with functional cuffs compared to sham stimulation controls. The lack of an anti-inflammatory response in 

the other 2 animals could have several explanations. Chronic cuffing of the VN might suppress efferent 

signaling, including VNS anti-inflammatory actions [84], which could be due to chronic compression injury 

to the nerve [85, 86].  We did not observe gross axonal damage in the cuffed vagus nerves of those 

animals (Fig 4B), even though loss of smaller fibers cannot be ruled out as mentioned previously.  

Alternatively, those 2 animals could simply be non-responders seen often in acute studies [42, 44]. Our 

data also suggest that the presence of a heart rate response in an implant does not necessarily predict 

engagement of the anti-inflammatory pathway, which is consistent with previous findings in acute studies 

[44, 87]. Nevertheless, these findings provide evidence that 6-week-old implants can still control acute 

inflammation.  

 We have developed a surgical approach to implant micro-cuff electrodes onto the mouse cervical 

VN to deliver chronic electrostimulation. Our findings demonstrate a stable and robust interface with the 

VN capable of producing stimulus-evoked responses for at least 4 weeks. We also provide a method to 
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standardized stimulation doses between animals and across time. Given the wide range of illnesses 

studied in the mouse, this implant methodology provides a previously unavailable tool for rapid screening 

of long-term VNS in disease models that could potentially introduce novel therapies to many common and 

rare diseases. 
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S1 Movie. VNS in an awake behaving mouse. 

(A) Video clip showing an awake behaving mouse with a long-term VN implant and ECG leads, 

connected to a commutator and receiving VNS on post-implant day 15. The screen shows HR (green 

trace) and a stimulation event (purple trace). VNS occurs at the 23 s time point.  (B) Physiological 

traces from the stimulation event captured on the video clip. (C) HRT values vs. implant age for mouse 

shown in video clip. Arrow indicates day on which testing shown in panel B occurred. 

 

Link to video: https://1drv.ms/u/s!AhZzF8JVQClYgvE_zuKSATPpabHM_Q?e=gbM5AM 
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S2 Fig. Longitudinal changes in heart rate threshold and electrical impedance in long-term 

implants in mice from cohorts 1 and 3. 

(A) HRT values vs. implant age (left panel), and impedance at 1KHz (right panel) in 8 mice from cohort 

1 and (B) 9 mice from cohort 3. The horizontal red dotted line indicates intensity at maximum charge 

injection capacity (ICIC) calculated for the micro-cuff electrodes. 
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S3 Fig. Large nerve fibers in cuffed and non-cuffed VN.  

Cross-sections of the neck immediately rostral to the cuff (middle panels) from 4 mice with a 6-week 

old implant stained for axons (neurofilament, green) and showing the following landmarks: (1) rostral 

cuff margin; (2) trachea; (3) esophagus. The cuffed (left) and non-cuffed (right) VNs were imaged 

under 100X magnification and fibers larger than 1.5 µm were counted. Scale bars are 10 µm. 
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