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Abstract
Vascular plants reinforce the cell walls of the different xylem cell types with lignin, a phenolic polymer. Specific
lignin chemistries are conserved between the cell wall layers of each cell type to support their functions. Yet
the mechanisms controlling the tight spatial localisation of specific lignin chemistries remain unclear. Current
hypotheses focus on a control by monomer biosynthesis and/or export, while their cell wall polymerisation is
viewed as random and non-limiting. Here we show that cell wall polymerisation using combinations of multiple
different laccases (LACs) non-redundantly and specifically control the lignin chemistry in different cell types
and their distinct cell wall layers. We dissected the roles of Arabidopsis thaliana LAC4, 5, 10, 12 and 17 by
generating quadruple and quintuple loss-of-function mutants. Different combinatory loss of these LACs lead
to specific changes in lignin chemistry affecting both residue ring structures and/or aliphatic tails in specific
cell types and cell wall layers. We moreover showed that the LAC-mediated lignification had distinct functions
in specific cell types. Altogether, we propose that the spatial control of lignin chemistry depends on different
combinations of LACs with non-redundant activities immobilised in specific cell types and cell wall layers.

Introduction
Lignin is a complex, heterogeneous phenolic polymer that is
deposited in the cell walls of specialised cell types (Meents
et al. 2018). Associated with the evolutionary emergence of
the plant vasculature and the transition to terrestrial habitats,
lignin confers structural rigidity and hydrophobicity to the vascular system (Ménard et al. 2022; Eriksson et al. 1991). Lignin
deposition proceeds in three steps: biosynthesis of monomers
in the cytoplasm (Barros et al. 2015), their export into the apoplast (Perkins et al. 2019) followed by their oxidative polymerisation by radical coupling catalysed by laccases (LACs) and
class III peroxidases (PRXs) in the cell wall (Blaschek and Pesquet 2021). Although defined at the singular, the term lignin
describes a multitude of chemically diverse polymers. This
chemical diversity comprises variation in both phenolic ring
(hydroxyphenyl, H; guaicayl, G; syringyl, S) and aliphatic tail
(alcohol, XCHOH ; aldehyde, XCHO ) of the canonical phenylpropanoid monomers. In addition to phenylpropanoids, other
monomers incorporated into lignin include benzaldehydes (Kim
et al. 2003), flavonoids (Lan et al. 2015; Rencoret et al. 2022),
stilbenoids (del Río et al. 2017; Rencoret et al. 2019) as well
as other residues containing phenyl (P) structures (Faix and
Meier 1989; Kawamoto 2017). The main lignified vascular cell

types in plants are tracheary elements (TEs), which act as both
structural support and sap conduits for long distance water
transport. Lignin is essential for structural support at the organ level, as drastic reductions lead to dwarf plants unable to
stand upright (Bonawitz and Chapple 2010). Lignin is equally
crucial at the cellular level, as reductions in lignin impair the
capacity of TEs to withstand the negative pressures required to
transport water (Ménard et al. 2022). In addition, most angiosperms and some gnetales also develop lignified xylem fibres
located within (xylary fibres, XF) or between (interfascicular
fibres, IF) vascular bundles, which fine-tune the mechanical
properties of plant organs (Zhong and Ye 1999). To support
their specific cellular functions, the concentration, composition and structure of lignins are tailored to each cell type and
their different cell wall layers – chemistries that are conserved
between plant species (Pesquet et al. 2019). Lignin amount
is generally higher in the secondary cell walls (SCWs) of TEs
than in SCWs of fibres, as well as generally higher in primary
cell walls/middle lamella (CML) and cell corners (CCs) than
SCWs (Serk et al. 2015). However, large variations are also
observed between the different TE morphotypes, with early
forming protoxylem (PX) TEs being far less lignified than later
forming metaxylem (MX) TEs (Ménard et al. 2022). Lignin
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composition, depending on the proportion of monomers with
different ring structures, varies drastically between cell types
and cell wall layers, with fibre SCWs enriched in S residues, TE
SCWs enriched in G residues, and CML/CCs at the interface
of these two cell types enriched in H residues (Terashima and
Fukushima 1988; Fukushima and Terashima 1990). Similarly,
the proportion of monomers with different aliphatic tails is also
specifically controlled between cell types and cell wall layers, as
well as between morphotypes, with high levels of XCHO in MXs
compared to PXs, and high levels of XCHO in CMLs compared
to SCWs (Peng and Westermark 1997; Blaschek, Champagne
et al. 2020). The lignification of each cell type moreover progresses by incorporating distinct lignin residues at specific
phases of the development and maturation of each cell type,
exemplified by S and XCHO residues that are mostly incorporated in the late maturation phases of TEs compared to H and
GCHOH (Terashima and Fukushima 1988; Kutscha and Gray
1972; Blaschek, Champagne et al. 2020). The temporal control
of cell wall lignification is specific to each cell type. TEs lignify
their SCWs mostly after having committed programmed cell
death (Pesquet et al. 2010; Pesquet et al. 2013; Smith et al. 2013)
whereas fibres gradually and centripetally lignify their SCWs as
they are being deposited (Terashima et al. 1996; Fukushima and
Terashima 1991; Barros et al. 2015). The mechanisms enabling
such a specific spatio-temporal control of lignin chemistry in
different cell types and cell wall layers are still unclear.
The current hypotheses for the mechanisms explaining this
cell type/cell wall layer specific control of lignification mainly
rely on the regulation of monomer biosynthesis and/or their export to cell walls, while their polymerisation is mostly viewed
as random, non-limiting and unspecific. Our current view of
lignin formation thus considers that the oxidation of lignin
monomers and their subsequent cross-coupling is only guided
by thermodynamics and steric hindrance (Blaschek and Pesquet
2021). However, once in the apoplast, lignin monomers are
extremely mobile due to autocrine, paracrine (Smith et al. 2017;
Smith et al. 2013) and potentially endocrine secretions (Aoki et
al. 2019; Blaschek, Champagne et al. 2020). This cell–cell transport is essential for TEs, which lignify post-mortem (Ménard
et al. 2022; Pesquet et al. 2010; Pesquet et al. 2013; Derbyshire
et al. 2015) by polymerising the monomers secreted by adjacent living cells. Neighbouring fibres also use these externally
supplied monomers semi-cooperatively in complement to their
own export during and after the deposition of SCW polysaccharides (Barros et al. 2015; Blaschek, Champagne et al. 2020).
The high mobility of lignin monomers in the cell wall contrasts
with the spatially restricted differences of lignin chemistry in
each cell wall layer of each cell type. This dissonance suggests
that additional mechanisms control lignification at the level
of the cell wall itself. Such spatial control could depend on
different LACs and/or PRXs with distinct catalytic activities
that are targeted and immobilised in specific cell types and cell
wall layers (Derbyshire et al. 2015; Chou et al. 2018). In fact, different LACs show highly distinct binding pocket and active site
topologies, suggesting differences in catalytic efficiency, pH optimum and/or substrate specificity (Blaschek and Pesquet 2021).
Indeed, LACs involved in the formation of specialised lignins
in seed coats and compression wood were recently shown to
exhibit a certain degree of substrate specificity for monomers
with different ring substitutions (Wang et al. 2020; Hiraide et

al. 2021; Zhuo et al. 2022). The role of LAC specificity in the
main developmental lignification of xylem however remains
unclear. Herein, we provide experimental evidence demonstrating that the lignin polymerisation capacity of the different
cell wall layers of each xylem cell type spatially controls its
lignin chemistry. Using higher-order loss-of-function mutants
of LACs involved in vascular lignification, we show that the
isolated activity of different LAC paralogs is specific to each
cell type and cell wall layer, and discriminately incorporates
specific monomers. The resulting differences in lignin chemistry also affected its function in distinct cell types, distinctly
affecting the cell wall mechanical resistance of TEs to negative
pressure and the hydrophobicity of fibre cell walls. Altogether,
we show that different immobilised combinations of LAC paralogs with specific activities control the lignin chemistry in each
cell wall layer and cell type to support their different functions.

Materials & methods
Plant material
Arabidopsis thaliana plants were grown in three independent
growth instances, consisting of 5 plants per genotype each,
between January 2020 and July 2021 from stratified (2 d at
4℃) seeds in 1:3 vermiculite:soil in E-41L2 growth cabinets
(Percival, USA). Growth conditions were cycled in a 1:6:1:16
h dusk:night:dawn:day program. Relative humidity was kept
at 50%, irradiation were set to 50, 0, 50, 100 µmol m-2 s-1 , and
temperature at 20, 18, 20, 22℃ for dusk, night, dawn and day respectively. The following insertional single mutants in the Col-0
background were crossed to obtain higher-order mutants: lac42 (GK-720G02-025278; Berthet et al. 2011), lac5-1 (SALK_063466;
Cai et al. 2006), lac10-1 (SALK_017722; Cai et al. 2006), lac11-1
(SALK_063746; Zhao et al. 2013), lac12-2 (SALK_125379), lac171 (SALK_016748; Berthet et al. 2011). Plants were confirmed to
be homozygous mutants by genomic DNA extraction from two
green rosette leaves using the EZNA Plant DNA kit (Omega
Bio-Tek, D3485) followed by PCR genotyping using standard
Taq DNA polymerase (18038-042, Invitrogen) to amplify sequences unique to WT and mutant alleles using specific primer
combinations (table S1). PCRs used 10 ng of genomic DNA per
10 µl reaction and were cycled through 98℃ (3 min), [98℃ (45
s), 57℃ (45 s), 72℃ (90 s)]×35, 72℃ (5 min). Amplicons were
separated using agarose gel electrophoresis with mini Gel II
(VWR), stained with Midori Green (MG 04, Nippon Genetics)
and imaged using UV-transillumator (Biorad). Descendants
of plant crosses were planted and genotyped until the desired
homozygous mutant combination was obtained. Three independent crosses to obtain the double homozygous mutants
lac10-1×lac11-1 and lac12-2×lac11-1 were unsuccessful. Homozygous phenylpropanoid mutants used as references in figure 4
were fah1 (EMS mutant; Meyer et al. 1998), ccr1-3 (SALK_123689; Mir Derikvand et al. 2008) and cad4;5 (Blaschek, Champagne et al. 2020). After 9 w of growth, plants were harvested.
The basal 2 cm of the primary inflorescence stem were stored in
70% ethanol at -20℃ until sectioning. The stem bases were vacuum infiltrated with ultrapure water, embedded in 10% agarose
(A9539, Sigma-Aldrich), and sectioned to 50 µm thickness using
a VT1000s vibratome (Leica). Sections were then stored in 70%
ethanol at -20℃ and rehydrated when needed with ultrapure
water. Seeds for the root growth assay were surface sterilised
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using 70% ethanol followed by 5% bleach (Klorox), plated on on
0.8% agar-agar (20767.298, VWR) containing 0.5x MS medium
(pH 5.7) including vitamins (M0222, Duchefa Biochem), and
stratified for two days in darkness at 4℃. Seedlings were grown
for 11 d in 60% relative humidity and 150 µmol m-2 s-1 in 16:8 h
day:night conditions at 18 and 24℃ respectively.

Growth phenotyping

Histochemical analysis
Wiesner stain Cross-sections of the stem bases were stained
with the Wiesner test as described previously (Blaschek, Champagne et al. 2020). Briefly, hydrated cross-sections were imaged
in water using a Zeiss Axiovert 200M, equipped with a EC PlanNeofluar 40x objective (NA 0.75) and an automated stage, then
stained by removing the cover slip and dropping 40 µl of 0.5%
phloroglucinol (P3502, Sigma-Aldrich) in 1:1 95% ethanol:37%
HCl onto the section, and imaged again after 2 min incubation.
Images were corrected for uneven illumination using a picture
of an empty slide and stitched in Fiji (Preibisch et al. 2009).
Absorbance values were obtained by aligning unstained and
stained images, transforming the images into uncalibrated optical density and measuring circular areas (0.45 µm diameter)
of cell walls or specific cell wall layers for each cell type. The
specific absorbance of the stain was obtained by subtracting
the unstained absorbance from the stained absorbance for each
measured point. Lastly, the absorbance measurements were
corrected for unspecific tissue clearing by the ethanolic acid in
the Wiesner reagent and/or changes in illumination by subtracting the absorbance difference between stained and unstained
images of the unlignified phloem from all measurements.

Growth kinetics of A. thaliana was analysed by image-based
phenotyping. Images were acquired every 2 to 3 days under
even illumination in front of a black background with a Nikon
D750 camera equipped with a Sigma 50mm F1.4 DG HSM lens.
An X-Rite ColorChecker Classic Mini colour card was included
in each image as a colour and size reference. Images were segmented and analysed using a custom script within the PlantCV
(v. 3.8) framework (Gehan et al. 2017). Used scripts are available at https://github.com/leonardblaschek/plantcv. To account
for slight differences in the timing of inflorescence stem bolting between growth instances, the stem growth kinetics were
aligned at the time of bolting (approximated as the day the plant
surpasses a height of 5 cm). Additional manual phenotyping
was done at the time of harvest after 9 w of growth, measuring
stem number, primary stem height, primary stem width at base,
and silique length for 5 mature siliques from the primary stem. Mäule stain Hydrated cross-sections of the stem bases were
incubated in 0.75% KMnO4 (223468, Sigma-Aldrich) in water for
5 min, rinsed twice with water, incubated in 3M HCl for 1 min,
rinsed twice with water, and finally incubated in 10% NaCO3
Laccase activity assays
(71360, Sigma-Aldrich) for roughly 30 s. The sections were
Activity assays in sections were performed by vacuum infiltrat- mounted in 10% NaCO3 between glass slide and coverslip and
ing 50 µm transverse stem cross sections (stored in 70% ethanol imaged within 10 minutes after staining. Imaging and stitching
at -20℃) with water for 2 hours and placing them in 0.1 mM were performed as described for the Wiesner stain. The hue of
sodium acetate (pH 4, 5) or sodium phosphate (pH 6, 7) buffer the stain was estimated by transforming the RGB image into
in a MatTek no. 1.5 glass-bottom 96-well plate. Sections for the HSB colourspace and measuring circular areas (0.45 µm
negative controls were previously autoclaved at 121℃ for 15 diameter) of cell walls or specific layers in the hue channel. The
min using a Tuttnauer 3870EL autoclave. The final reaction resulting values were divided by 255 and multiplied by 360 to
volume was 200 µl and substrate concentrations were 0.07 mM transform them from the 8-bit range to the 360° hue scale.
DAF, 0.5 mM DAB or 5 mM PYGL (table S2). Real-time images
were taken every 10 (DAF, PYGL) or 15 (DAB) min using a
Zeiss Axiovert 200M equipped with a 25x objective (NA 0.4),
an Axiocam 506 color camera and an automated stage and shutters. Each section was imaged in three Z-positions (spaced
approximately 10 µm apart) to account for any drift in the Zaxis. Images were aligned in Fiji (Schindelin et al. 2012) using
the SIFT plugin, transformed into absorbance and measured
in 20 circular areas (0.7 µm diameter) per image and cell type.
Measurements were background corrected by subtracting the
absorbance of the unlignified phloem. To compare the activities across different pH, the non-enzymatic substrate oxidation
rates in autoclaved sections were subtracted from the oxidation
rates measured in the untreated sections in figures 2A and S3D.
Comparison of activities at similar pH (figure 2B,C) did not
require any subtraction.
The corrected absorbance values were plotted against time
to identify the linear phase of activity following the initial unspecific staining and before the plateauing of absorbance values
at the end of the time course. From the linear phase, substrate
oxidation rates were determined by the slope of each linear
regression.

Raman microspectroscopy
Raman microspectroscopy was performed on hydrated crosssections in ultrapure water between glass slide and cover slip,
using a LabRAM HR 800 (Horiba, France) equipped with a
Nd:YAG 532 nm laser and a 50x objective (NA 0.42). Spectra
were acquired with a spectral resolution of 2 cm-1 from 100
to 1800 cm-1 . Acquisition parameters were kept constant, using a grating of 600 grooves mm-1 , a laser power of 56 mW
and 100 accumulations of 3 s per measurement. Asymmetricleast-squares baseline correction was performed as previously
described by Blaschek, Nuoendagula et al. (2020). Cellulose
crystallinity was estimated according to (Agarwal et al. 2010).
For the non-ratiometric lignin compositional analyses, spectra were normalised to the total lignin signal. To ease the
interpretation of the Raman band intensities and ratios, measurements from well described phenylpropanoid mutants were
included: the S-free fah1 mutant (EMS; Meyer et al. 1998), the
lignin deficient ccr1-3 mutant (SALK_123-689; Mir Derikvand et
al. 2008) and the GCHO overaccumulating cad4;5 double mutant
(Blaschek, Champagne et al. 2020).
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Lignin autofluorescence

Results

Lignin autofluorescence in the IF was measured in hydrated
cross-sections mounted between glass slide and coverslip in 50%
glycerol. Acquisition was performed using Zeiss LSM780/800
confocal laser scanning microscopes equipped with a PlanApochromat 20x M27 objective (NA 0.8), a 405 nm diode laser
and long-pass emission detection >410 nm according to Decou
et al. (2017). For direct comparison of fluorescence intensities
(figure S6B), imaging parameters were kept constant between
genotypes. For the relative quantification of cell wall layerspecific autofluorescence (figure 5C,D) imaging parameters
were adjusted between genotypes to optimise signal to noise
ratio.

LAC paralogs non-redundantly and synergistically affect stem growth To discriminate which of the 17 laccase
paralogs are implicated in the lignification of secondary cell
walls in xylem cells, we analysed available gene expression
data (micro-array and RNA sequencing) from A. thaliana inducible pluripotent cell cultures triggered to differentiate into TEs
(Derbyshire et al. 2015). Candidate LAC paralogs were selected
based on high co-expression levels with SCW formation marker
gene CesA7 /IRX3 and TE autolysis marker gene XCP2 (Ménard
et al. 2015). This approach identified A. thaliana LACs 4, 5, 10,
11, 12 and 17 as co-up-regulated during TE SCW formation
and potentially implicated in vascular lignification (figure S1).
Previous promoter:reporter studies confirmed the expression
of all six identified candidates in cambium and/or xylem (Turlapati et al. 2011). The large number of implicated LACs likely
explains why previous studies using single loss-of-function
mutants did not detect any obvious phenotypic changes (Cai
et al. 2006), except for a slight irregular xylem (irx) phenotype
in lac4/irx12 (Brown et al. 2005; Berthet et al. 2011). Indeed,
significant decreases in plant height were only observed in
plants that had lost at least three LAC paralogs (figure S2A).
To expose the functions of each individual LAC candidate, we
generated homozygous quintuple (Q) loss-of-function mutant
of LACs 4, 5, 10, 12 and 17. We excluded LAC11 because its loss
in triple mutants together with LAC4 and 17 results in sterile
plants (Zhao et al. 2013). Additionally, we were unable to obtain
homozygous double mutants of LAC11 in combination with
either LAC10 or LAC12. To define the specific functions of each
individual LAC, we analysed the quadruple loss-of-function
mutants lac5;10;12;17 (Q-4), lac4;10;12;17 (Q-5), lac4;5;12;17 (Q10), lac4;5;10;17 (Q-12) and lac4;5;10;12 (Q-17) in comparison to
the Q mutant and wild-type (WT) plants. Primary root growth
in seedlings and their overall morphology were unaffected by
the stacking of lac mutations (figure S2B). For soil-grown plants,
we performed kinetic analyses using image-based phenotyping
of the growth of rosette leaves and inflorescence stems (figure 1). The growth of rosette leaves and the timing of bolting
were unaltered by stacking lac mutations (figure 1A–C, S2C).
In contrast, stem growth rate, final height, and silique length
of Q were reduced to roughly 50%, 60% and 90% of the WT
respectively (figure 1D–G, S1D). The reduced growth rate and
final height were restored to WT levels completely in Q-4 and
Q-17, and partially in Q-10 but remained uncompensated in Q-5
and Q-12 (figure 1E–G). Silique length was fully restored to
WT levels in Q-4, Q-10 and Q-17, partly restored in Q-5 but not
compensated in Q-12 (figure S2D). Our results indicated a major
and non-redundant intervention of LAC4, LAC10 and LAC17
in both stem and silique development in contrast to LAC5 and
LAC12. Overall, higher-order lac mutations mainly altered the
vertical growth of inflorescence stems that suggested roles in
structural support and long-distance water transport.

TE collapse
The collapse of each TE morphotype was measured from the
images of Wiesner stained sections (see above). TE perimeters were traced in ImageJ (Schindelin et al. 2012) using the
“better wand tool” macro (https://gist.github.com/mutterer/
4d3c831ca6a7e698f77eba0261b086c5) when the image contrast
allowed it, otherwise by freehand selection. Pixel coordinates of
the perimeters were loaded into R (v. 4.10) and kernel-smoothed
using the package “smoothr” (v. 0.2.2) to avoid shape artefacts
where the perimeter followed the image pixelation. Area and
convex hull of the smoothed perimeters were calculated using
the package “sf” (v. 1.0-6), convexity represents the ratio of
area to convex hull.

Cell wall swelling
Hydrated cross-sections of the stem bases were incubated in
0.01% Astra blue (B0770, Sigma-Aldrich) in water to stain cellulose, rinsed in water, incubated in 0.01% Safranin-O (1.15948,
Merck) in water to stain lignin, rinsed in water, and finally
mounted between glass slide and coverslip in water to simultaneously stain all cell walls (Srebotnik and Messner 1994).
Imaging and stitching were performed as described for the
Wiesner stain. After imaging, the stained sections were let to
air dry at room temperature overnight and subsequently imaged again. Finally, the sections were rehydrated by incubating
them in water in the fridge for several days, mounted between
glass slide and coverslip in water, and imaged again. Images
of each section in the three stages were aligned in ImageJ. The
thickness of 10 cell walls per section was measured in each
state, at a point equidistant from the adjacent cell corners.

Data analysis and visualisation
If not described otherwise, all data analysis and visualisation was done in R (v. 4.10), relying on the “tidyverse” (v.
1.3.1) collection of packages (Wickham et al. 2019). TukeyHSD and Kruskal-Wallis tests were performed using the average values of each biological replicate (individual plants,
specified in each figure legend as “n = x”) using the “tukeygrps” package (https://github.com/leonardblaschek/tukeygrps),
which uses functions from the “stats” and “dunn.test” packages.
The R code to reproduce all analysis and figures is available
at https://github.com/leonardblaschek/Rscripts/blob/master/
2021_lac_paper.rmd.

LAC activity is cell type- and substrate-specific To understand how the genetic modulation of LACs resulted in the
different mutant phenotypes observed, we measured LAC activity in higher-order lac mutants. LAC activity has been previously performed in situ but without any temporal resolution
or quantitative read-out (Hiraide et al. 2021). We used real-
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Figure 1 | Phenotypical characterisation of higher-order lac mutants. A Representative rosettes of the WT and the Q mutant between six days past
germination (dpg) and bolting at around 30 dpg. B Projected area of the rosettes from germination to bolting. C Growth rates of the projected
rosette areas between 20 and 29 dpg. D Representative inflorescence stems of the WT and the Q mutant from 5 days before bolting to 35 days
past bolting (dpb). E Projected stem height from bolting to senescence. F Growth rates of the projected stem height from -3 to 11 dpb (defined as
reaching a height of > 5 cm). G Stem height (stretched length of the primary inflorescence stem) at harvest.
Solid lines represent individual plants, dashed lines are moving regressions (LOESS) showing the genotype averages.
Different letters indicate statistically significant differences between genotypes according to a Tukey-HSD test (α = 0.05); n = 10–15 individual
plants from 2–3 independent growth instances per genotype.

time imaging to measure oxidation rates directly in the cell
walls of different cell types in ethanol-cleared and rehydrated
stem cross-sections (figure S3). This real-time in situ activity assay also enabled us to evaluate substrate-specificity, using a set of synthetic compounds with either phenylamine
or phenolic groups shown to be oxidised by LACs (Hiraide
et al. 2021; Richardson et al. 2000; Bao et al. 1993), as well as
define optimal pH. Autoclaved sections served as negative controls and showed very little non-enzymatic activity, except for
the increased auto-oxidation of PYGL at higher pH (figure S3).
With the phenylamine 2,7-diaminofluorene (DAF), LAC activity
peaked at pH 5 in most cell types in WT except for MX TEs
which exhibited a stable LAC activity from pH 4–7, whereas
PX showed almost no LAC activity (figure 2A). The magnitude
of activity at the different pH was reduced in the Q mutant for
SCW, CML and CC of IFs, slightly for XFs but unaltered for MX
TEs (figure 2A). The observed pH optimum however depended
on substrate, as using the phenolic pyrogallol (PYGL) showed
two activity optima at pH 5 and 7, which differed between cell
wall layers and cell types (figure S3). These results showed that
cell walls of each cell type differed in their LAC substrate oxidation capacity and optimal pH. Activity analyses using DAF –
which was more reliable in detecting differences between genotypes than PYGL – at optimal pH for higher-order mutants
revealed that each LAC affected specifically the activity profiles
of the different vascular cell types (figure 2B). In the different
cell wall layers of IFs, LAC activity towards DAF was almost abolished in the Q mutant and only consistently restored in Q-17
(figure 2B). Additionally, Q-12 showed increased levels of LAC
activity specifically in CCs and to a lesser extent in the CML

(figure 2B). LAC activity towards DAF in both PX and MX TEs
remained unchanged in all mutants (figure 2B). In contrast, XFs
exhibited an intermediate LAC activity for DAF between IFs
and TEs, with a significant reduction in the Q mutant, restored
partly by the different LACs except LAC10 (figure 2B). Additional analyses to evaluate differences in substrate specificity
of the different LACs were made using a second phenylamine
substrate, 3,3-diaminobenzidine (DAB). Activity towards DAB
in the cell wall layers of IFs showed little differences between
genotypes except for specifically increased CC activity in Q-12
(Figure 2B). MX TEs showed increased activity in Q-5 and Q-12
(Figure 2B), showing that LAC5 and 12 were active towards
DAB in contrast to the other LAC paralogs. Lastly, XF also
presented enhanced activity in Q-5 and Q-12 similarly to MX
TEs but also a reduced activity in Q-10 and Q compared to WT
plants (figure 2B). Our results thus confirmed the effectiveness
of each insertional mutation by specifically reducing LAC activity. Altogether, the different higher-order lac mutants revealed
the specific localisation in distinct cell wall layer and cell types
of LAC paralogs. Despite their functional overlap, LAC paralogs were only partially redundant in terms of oxidation rate,
substrate range, optimal pH condition and spatial localisation
in cell walls and cell types.
Each LAC paralog has cell type-specific effects on lignification To evaluate how the observed cell type and cell wall
layer-specific differences in LAC activity affected lignification,
we performed histochemical in situ analyses of lignin. Staining extractive-free stem cross-sections of 9 w old plants using
either the Mäule or the Wiesner tests enabled cell wall layer
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Figure 2 | Laccase activity in the cell walls of higher-order laccase mutants. A Activity of WT and Q towards DAF at pH 4–7, expressed as relative
substrate oxidation rates. Thin lines represent 5 individual replicates, thick lines are the overall average by local regression (LOESS). Oxidation
rates in autoclaved sections are subtracted to show only LAC mediated oxidation. B Activity of WT and higher-order lac mutants towards DAF,
expressed as relative substrate oxidation rates. C Activity of WT and higher-order lac mutants towards DAB, expressed as relative substrate
oxidation rates. Different letters indicate statistically significant differences between genotypes according to a Tukey-HSD test (per panel; α =
0.05); 20 measurements were done for each cell type in each of n = 5 individual plants per genotype.

level resolutions directly in whole plant organ biopsies (figure
3A). The Mäule test detects changes in the proportions of different ring structures by staining S residues in red and other
lignin constituents in brown (Yamashita et al. 2016). Mäule
stained WT plants showed the expected intense red in the Senriched fibre SCWs and brown in the essentially S-depleted
TEs (figure 3A). higher-order lac mutants showed weak red
staining in the SCWs of IFs of Q-5, Q-10, Q-12 and Q in contrast
to Q-4 and Q-17 (figure 3A), indicating LAC4 and LAC17 are
the predominant enzymes ensuring S residue accumulation in
IF SCWs. However, CMLs of IFs remained strongly red stained
in all genotypes (figure 3A and S4), indicating a more robust lignification mechanism in the primary wall than the SCW layers.
Compared to the WT, slight red-shifts of 5–10 hue degrees were
apparent for all mutants except Q-17 in IFs and for Q-5, Q-10,
Q-12 and Q in TEs, indicating increases in S/G ratio (figure S4).
The Wiesner test specifically detects coniferaldehyde (GCHO )
and can be used to reliably quantify GCHO concentration in
situ (Blaschek, Champagne et al. 2020). IF SCWs, CMLs and
CCs showed almost no quantifiable stain in Q-5, Q-10, Q-12
and Q, as well as a reduction in Q-4 when compared to WT
and Q-17 (figures 3A, B). This result revealed the predominant
role of LAC17, with a minor contribution of LAC4, on the incorporation of GCHO in the SCWs of IFs. In contrast, MX TEs
appeared similarly stained to the WT plants for all genotypes
(figure 3B), revealing that LACs are implicated in regulating
certain residues differently between cell types. XFs were affected similarly but not as severely as IFs by higher-order lac

mutation, showing largely reduced but not abolished accumulations of GCHO in Q-5, Q-10 and Q in contrast to Q-4, Q-12
and Q-17 (figure 3B). This observation indicated that LAC4,
LAC17 and LAC12 could restore GCHO accumulation in XFs
to WT levels. Although PX TEs had much lower GCHO levels
than MX TEs in WTs, they remained similarly unaffected in all
mutants (figure 3B). Even though we could not monitor changes
in total lignin amounts using these methods, our histochemical
analyses showed that specific LAC paralog combinations are
responsible for distinctively controlling the incorporation of
lignin residues with different ring structures and/or aliphatic
tails between cell wall layers and cell types.

Each LAC paralog non-redundantly determines lignin
composition in the different cell types To quantify the
specific effects of each LACs on both lignin amount and composition in the different cell types, we used Raman microspectroscopy on extractive-free cross-sections of higher-order lac
mutants. Several Raman bands can be used for the relative
quantification of different cell wall polymers including total
lignin and cellulose amounts, lignin S/G ratio and total GCHOH
to terminal GCHO ratio (figure 4A) (Blaschek, Nuoendagula et
al. 2020; Yamamoto et al. 2020). As our Raman set-up did not
have the spatial resolution to distinguish between SCW and
CML, we observed in WT plants the highest concentration of
lignin in MX TEs, followed by XFs and then IFs and PXs (figure
S5A). In WT plants, lignin S/G ratio was highest in IFs, followed
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Figure 3 | Histology of higher-order lac mutants. A Mäule and Wiesner stained transverse stem sections at increasing levels of detail: full sections,
vascular bundles with adjacent interfascicular fibres (IF), and single cells of IF and metaxylem (MX). B Relative coniferaldehyde concentrations
in the IF, the compound middle lamella of the IF (IF-CML), xylary fibres (XF), protoxylem (PX), and MX. Different letters indicate statistically
significant differences between genotypes according to a Tukey-HSD test (per panel; α = 0.05); 20 measurements were done for each cell type in
each of n = 5 individual plants per genotype from 2 independent growth instances.

by XFs and PXs, and then MXs (figure S5A), whereas lignin
GCHO /GCHOH ratio was highest in PXs, then MXs, followed by
XFs and then IFs (figure S5A).
Lignin to cellulose amount was reduced for all lignified
cell types in all genotypes compared to WT, except for PX that
remained unaltered (figure 4B). The broad changes in lignin
in the Q mutant also affected the structure of other cell wall
polymers, reducing cellulose crystallinity in XFs (figure S5B).
Among the quadruple mutants, Q-4 and Q-17 had the highest
lignin concentrations in all tested cell types. Slight differences
between these two mutants suggested a more prominent role
in MX lignification for LAC4 and fibre lignification for LAC17.
Q-5, Q-10 and Q-12 revealed smaller, but specific roles of the
respective LACs depending on the cell type. IF SCWs of Q-5,
Q-10, Q-12 and Q had lignin to cellulose ratios lower than the
phenylpropanoid mutants ccr1-3 (Mir Derikvand et al. 2008),
showing that IF lignin concentration was highly dependent on
LAC4 and LAC17 (figure 4B). In XFs, Q-5 and Q-10 restored
lignin accumulation less than Q-12 which reached Q-4 and Q-17
levels (figure 4B), indicating an important redundant contribution of LAC12, LAC4 and LAC17 compared to the minor
contribution of LAC5 and LAC10 to XF lignin accumulation. In
MXs, reductions were less pronounced and showed no differences between Q-5 and Q, whereas Q-10 and Q-12 showed a
slight increase (figure 4B). Altogether, our results show clearly
that different LAC combinations, varying in paralogs and relative contribution, control lignin concentration in the SCWs of
the different cell types of plant vascular tissues.
Lignin S/G ratio was increased in all cell types of the Q
mutant compared to WT plants, and the different higher order
lac mutants exhibited intermediate profiles varying for each

LAC in magnitude and cell type (figure 4B). SCWs of all cell
types had S/G ratios greater than the phenylpropanoid mutant
fah1-2 which only has traces of S residues (Meyer et al. 1998).
These results confirmed our histochemical analysis using the
Mäule test (figure 3A). The S/G changes were likely due to
a large reduction in G residues rather than an increase of S
residues (figure S5B). In fibres, S/G increases in IFs were restored to WT levels in Q-4 and Q-17, whereas S/G increases in
XFs were restored to WT levels by Q-4, Q-17 and Q-12 (figure
4B). In sap conducting TEs, the S/G increases in PXs and MXs
were restored to WT levels in Q-17 but also Q-4, Q-10 and Q-12
but not Q-5, revealing here a similar contribution of LACs for
controlling lignin ring structure composition. As the S/G ratio
differs greatly between TEs and fibres, our results indicate that
different LAC paralog combinations control the ring structure
proportions in these two different categories of cell types.
The ratio of terminal GCHO to total GCHOH groups was
reduced in all cell types of the Q mutant compared to WT,
except for MX (figure 4B) but did not reach the GCHO overaccumulation levels of the phenylpropanoid mutants cad4;5
(Blaschek, Champagne et al. 2020; Yamamoto et al. 2020). These
results confirmed our histochemical analysis using the Wiesner
test (figure 3B). Intermediate profiles were obtained differing
for each higher-order mutant in its magnitude and cell type. In
fibres, GCHO /GCHOH decreases in IFs were restored to WT levels
fully by Q-17 and partly by Q-4 and not in other genotypes,
whereas GCHO /GCHOH decreases in XFs were partly restored
in Q-4, Q-5, Q-12 and Q-17 but not Q-10 (figure 4B). In sap
conducting TEs, GCHO /GCHOH decreases in PXs were fully restored to WT levels by Q-17, partly by Q-5, Q-10 and Q-12 and
slightly by Q-4, whereas MXs were not affected (figure 4B). The
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Figure 4 | Lignin composition in higher-order lac mutants measured by Raman microspectroscopy. A Raman microspectra from the IF of the WT
and Q mutant with bands used for quantification. Spectra are scaled to the cellulose band at 378 cm-1 . B Ratiometric characterisation of lignin
amount and composition. Because of the undefined Raman scattering coefficients of the different lignin substituents, the ratios are relative, not
absolute. References from well characterised phenylpropanoid loss-of-function mutants are indicated by dashed grey lines to ease interpretation.
Different letters indicate statistically significant differences between genotypes according to a Tukey-HSD test (per panel; α = 0.05); spectra of 5
individual cells were measured for each cell type in each of n = 5 individual plants per genotype from 2 independent growth instances.

fact that the ratio of terminal GCHO to GCHOH was not restored
by LAC4 in IFs or PXs corroborates its reduced propensity to
incorporate GCHO compared GCHOH to shown by the Wiesner
stain (figures 3B, 4B). Together, these results show that different combinations of LACs control the accumulation of residues
with specific aliphatic functions in different cell types.
higher-order lac mutants also affected the incorporation
of non-canonical residues, such as benzaldehydes and residues
with phenyl (P) rings, differently between cell types. The proportion of P residues was increased in Q mutants for both fibre
types but not in TE morphotypes (figure S5B). These increases
were differently compensated by the different LAC paralogs,
with P residues fully restored to WT levels in IFs of Q-4 and
Q-17 and in XFs of Q-4, Q-5, Q-12 and Q-17 (figure S5B). Benzaldehyde residues were also increased in Q but only in IFs,
which could be restored to WT levels by all LAC paralogs except LAC5 (figure S5B). These results indicated that specific
LAC paralogs also altered the incorporation of non-canonical
residues in specific cell type. Altogether, our results clearly
showed that different LACs are active in distinct cell types and
cell wall layer, where they act in combination to control lignin
chemistry.

Distinct LAC paralogs are responsible for cell-wall-layer
specific lignification To further investigate the cell wall
layer-specific roles of different LAC paralogs indicated by the
activity assays and histochemical tests (figures 2, 3), we quantified cell wall layer-specific lignin accumulation in higher-order
lac mutants using the UV-excited autofluorescence of lignin
combined with confocal microscopy (Decou et al. 2017). This
technique had a greater spatial resolution than our Raman analysis set-up that did not enable to clearly distinguish between

cell wall layers. As expected, lignin autofluorescence in WT
IFs was highest in CCs, intermediate in the CML and lowest in
S1/S2 and S3 layers of SCWs (figures 5A–C and S6). Mirroring
the results of histochemical and Raman spectroscopy analyses
(figures 3, 4), SCW autofluorescence was drastically reduced in
Q-5, Q-10, Q-12 and Q, whereas Q-4 and Q-17 exhibited similar
fluorescence levels as WT plants (figure S6). Spatial analyses of
SCWs to distinguish S1/S2 and S3 layers revealed that Q-4 had
WT-like lignin content in the S3, but not the S1/S2 layers, unlike
Q-17 that restored lignin concentration to WT levels across all
layers of the SCWs (figure S6). In the primary cell wall layers,
CML autofluorescence was drastically reduced in Q-5, Q-10,
Q-12 and Q but only slightly reduced in Q-4 and similar to the
WT in Q-17 (figure S6). In contrast, the autofluorescence of CCs
in both Q-4 and Q-17 was reduced to levels similar to the WT
CML, while Q-12 showed higher autofluorescence than Q and
Q-5, and Q-10 showing intermediate levels (figure S6). We then
measured line profiles through the different cell wall layers to
compare changes of lignin autofluorescence across the cell wall
layers of single neighbouring cells (figures 5B–D and S6). To
control for biological and technical variation in absolute fluorescence between plants and cells, we scaled each line profile to
the average of its CML fluorescence. This approach confirmed
that LAC12 activity was restricted to CCs and responsible for
the specific increase in CC lignin autofluorescence levels relative to the CML (figure 5C, D). In Q-5, Q-10 and Q, lignin
autofluorescence in CCs was even lower than in CMLs (figure
5D), suggesting that the LACs and/or PRXs responsible for the
residual lignification of these cell wall layers were active in
CMLs but not CCs. These results showed that the lignification
of IF cell wall layers depended on LAC4 and LAC17 for the S3
layer of their SCWs, LAC17 together with a minor contribution
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Figure 5 | Lignin autofluorescence in the cell corners (CCs) depends on LAC12. A Lignin autofluorescence in the IF of the WT, Q-12 and Q. Contrast
of the images is adjusted for visibility. B Magnification of the boxes drawn in panel A, showing the compound middle lamella, CC and SCW of
two adjacent IFs. Contrast of the images is adjusted for visibility. C Line profiles of autofluorescence intensity normalised to the compound
middle lamella. Thin lines are individual profiles from 5 independent plants, the thick line is an average by local regression (LOESS). D Normalised
fluorescence intensity measured in the shaded stretches indicated in panels B and C. Different letters indicate statistically significant differences
between genotypes according to a Tukey-HSD test (per panel; α = 0.05); each point represents one pixel from a total of 25 line profiles in n = 5
individual plants per genotype from 2 independent growth instances.

of LAC4 for the S1/S2 and CML, and LAC4, LAC12 and LAC17
for CCs. LAC12 was by itself capable of fully restore the ratio
of CC to CML lignin autofluorescence to the level observed
in WT plants (figures 5D and S6; Serk et al. 2015). Altogether,
and in addition to the cell type and substrate specificity shown
above between LAC paralogs, our results indicate that specific
combinations of LAC paralogs non-redundantly control the
spatially stratified lignification between CCs, CML, S1/S2 and
S3 layers in vascular cells.

Specific LAC paralogs control lignification to ensure the
mechanical resistance of sap conducting cells Lignin is
essential for the proper vascular function of sap conducting
cells by conferring the mechanical reinforcement required to
sustain the negative pressure associated with sap transport
(Ménard et al. 2022). We investigated whether the mechanical
resistance of TEs was controlled by specific LACs by measuring
the extent of their inward collapse in higher-order lac mutants.
Convexity – a shape descriptor specifically characterising inwards collapse and not just general deformation (Ménard et
al. 2022) – was measured for the different TE morphotypes in

stem cross-sections. TE collapse varied between genotypes as
well as between TE morphotypes, revealing again that different
LAC paralogs had non-redundant contribution in controlling
lignin-dependent mechanical resistance of specific TEs (figure
6). The early forming PX TEs showed some occasional collapse
in all quadruple mutants but were only significantly collapsed
in the absence of all five tested LACs (figure 6). This result
indicated that all investigated LAC paralogs synergistically
contributed to the mechanical reinforcement of PXs. The later
forming MX TEs collapsed severely in Q, Q-5 and Q-12, to lesser
extent in Q-10 and Q-17, and almost not at all in Q-4 compared
to the WT (figure 6). This showed that lignin-dependent mechanical reinforcement of the MX heavily depended on LAC4,
with intermediate contributions of LAC17 and LAC10, a minor
role of LAC5 but no contribution of LAC12. Lastly, in the secondary xylem TEs (SX), no statistically significant TE inward
collapse was observed in any of our lac mutants (figure S7).
This confirmed previous results showing that the SX was generally less prone to inward collapse (Ménard et al. 2022), and
suggested that the mechanical strengthening of SX cell walls
was less dependent on the tested LACs than in PX and MX.
Overall, these results show that LAC paralogs non-redundantly
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Convexity

contribute to TE lignin-dependent mechanical reinforcement, made when analysing whole organs. We were able to effectdiffering in both their level of contribution and TE morpho- ively show both concentration and compositional differences
types, with LAC4 playing the most predominant role.
of lignin between cell wall layers and cell types, indicating
the importance and diversity of spatial distribution of lignin
between cells in plant organs. An even more precise underPX
standing of lignification can be generated with approaches
distinguishing the temporal changes occurring for each cell
types during their development/maturation, such as measured
using real-time imaging of inducible pluripotent cell cultures
(Pesquet et al. 2010; Derbyshire et al. 2015) and/or cells along
wood growth rings (Blaschek, Champagne et al. 2020; Sundell
et al. 2017) and/or different stem segments from the apical
meristems (Hoffmann et al. 2020; Ménard et al. 2022; Morel
MX
et al. 2022). The development of in situ lignin quantification
methods necessary for this type of analysis is relatively recent
and has yet to overcome substantial hurdles. Recent efforts
have focused on indirect methods for in situ lignin analyses
using synthetic compound feeding (Tobimatsu et al. 2013; Lion
et al. 2017; Zhu et al. 2021; Morel et al. 2022). Additionally,
multiple stains interacting more or less specifically with lignin
Figure 6 | TE perimeters and their degree of inwards collapse (expressed have been widely used (Bond et al. 2008; Pesquet et al. 2005;
as convexity) in the different higher-order lac mutants. Twenty TEs of
Kapp et al. 2015; Donaldson and Williams 2018). However, the
each cell type in each of n = 5 individual plants per genotype were measured. The drawn outlines represent fifteen randomly sampled TEs per mechanisms controlling the incorporation of fed compounds
cell type. Different letters indicate statistically significant differences as well as the nature and specificity of the lignin substructures
between genotypes according to a Tukey-HSD test (per panel; α = 0.05).
interacting with specific dyes are not understood. Fluorescent labelling of lignin with safranin in lac4;17 cross-sections
Specific LAC paralogs control lignification to control fibre showed increases in fluorescent labelling of MX TEs, revealswelling capacity The stiffness and flexibility of angiosperm ing changes in lignin composition (Baldacci‐Cresp et al. 2020)
plant stems is controlled by lignified TEs as well as lignified which were explained by our analysis. Ectopic transdifferentifibres. Although the stiffness of TE cell walls was significantly ation of PX TEs from epidermal cells in lac4;17 mutants was
impacted by LAC mutations, both TE perimeter and their cell previously used to demonstrate the capacity of LAC4 and 17 to
wall thickness, independently of their hydration level, were not incorporate fluorescent-GCHOH (Schuetz et al. 2014). However,
altered by any of the mutations (figure S8). In contrast, IF SCWs these feeding experiments could not define the effect on native
in Q, Q-5, Q-10 and Q-12, all with reduced lignin amounts, were lignin content in PX TEs of the mutant, unlike our Raman anasignificantly thicker than the more lignified IF SCWs in WT, lysis (figure 4). The direct in situ quantification methods used
Q-4 and Q-17 plants (figure 7). To test whether this increase in this work also have drawbacks. The label-free Raman miin cell wall thickness was due to the deposition of additional crospectroscopy used herein had limited spatial resolution and
cell wall polysaccharides or a lignin dependent change in cell could not reliably detect H, SCHO or SCHOH canonical residues
wall properties, we stained sections with Safranin-O/Astra blue (Blaschek, Nuoendagula et al. 2020). The direct Wiesner test,
and imaged them fresh, after drying, and after rehydrating while relying on a well-defined chemical reaction (Blaschek,
(figure 7). This allowed us to assess the proportion of IF cell Champagne et al. 2020), can only detect GCHO and is distorwall thickness dependent on hydration. The reduced image ted by out-of-focus light absorption and the birefringence of
contrast in the dried state unfortunately prevented a similar weakly stained cell walls, restricting its detection limit and
assessment of the small, densely packed XF cells. The SCWs in spatial resolution within cell wall layers. We additionally exdried samples of all mutants presented the same thickness as tended the technical possibilities of these in situ analyses to
WT IFs (figure 7). This result indicated that lignin controlled include time-resolved LAC activity measurements directly in
the hydration level of SCWs, which regulated their thicknesses cell walls of extractive-free plant cross-sections, which showed
(figure 7). Rehydrating the sections confirmed this observation both differential activity rates, distinct substrate preference and
as SCWs of IFs in Q, Q-5, Q-10 and Q-12 swelled up to almost the different pH optima profiles between cell types and cell wall
same thickness as before drying (figure 7). WT, Q-4 and Q-17 layers (figure 2). Single cell analyses like the in situ quantitative
however had unchanged IF cell wall thicknesses in all three imaging methods used herein are crucial to characterise the
conditions. These results show that lignification in fibres of cellular heterogeneity of lignin that gets lost through averaging
vascular tissues acted as a waterproofing “varnish” to stabilise in whole organ analysis and represent a necessary development
the thickness of cell walls by controlling their hydration levels, to reliably understand lignin formation at the subcellular level
during the development of each cell type.
with predominant and redundant roles of LAC4 and LAC17.
The precise spatio-temporal control of lignification is
pivotal for normal development (Zhao et al. 2013), drought
Discussion
resistance (Lima et al. 2018; Ménard et al. 2022), and defence
Our study highlights the necessity to measure lignin at the against herbivores and pathogens (Joo et al. 2021; Whitehill
cellular and subcellular levels to avoid the averaging errors et al. 2016). The importance of lignin monomer biosynthesis
Blaschek et al. 2022
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Figure 7 | Lignin depleted IF secondary cell walls in higher-order lac mutants swell in water. A Representative Astra Blue–Safranin stained IF cell
walls imaged fresh (never dried), dried (after air drying at room temperature over night) and rehydrated (after incubating the dried sections in
water). The thickness of the cell wall (lumen to lumen) is indicated by dashed lines. B The thickness of 10 IF cell walls (lumen to lumen) from each
of n = 3 individual plants per genotype in the three states. Different letters indicate statistically significant differences between genotypes and
states according to a Tukey-HSD test (per panel; α = 0.05).

in each cell type (Barros et al. 2019; Blaschek, Nuoendagula et
al. 2020) and their transport from the cytosol into the apoplast
(Perkins et al. 2019; Väisänen et al. 2020) are essential to control
lignin but insufficient to regulate the strict spatial distribution
of lignin in between cell types and cell wall layers.
Table 1 | Effects of single active LACs in the Q background (e.g. the
effect under LAC4 describes the difference between Q and Q-4).
—, no effect; ↑, partly restored; WT, restored to WT level.
Structure

Parameter

Plant
IF

Stem height
Activity
Lignin
GCHO /GCHOH
Swelling
Activity
Lignin
Activity
Lignin
Activity
Lignin
GCHO /GCHOH
Activity
Lignin
GCHO /GCHOH
Convexity
Activity
Lignin
GCHO /GCHOH
Convexity
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CML
XF
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LAC10
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—
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↑
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↑

↑
—
—
—
—
—
—
—
—
—
—
—
—
—
↑
↑
—
↑
—
↑
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—
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WT
↑
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↑
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↑
↑
↑
↑
—
—
WT
WT
—
↑
—
WT

In addition to their extreme mobility in cell walls, alcohol and
aldehyde phenylpropanoids have been shown to diffuse freely
across biological membranes (Vermaas et al. 2019) making
lignin oxidative polymerisation by LACs a potential main driving force controlling the metabolic gradient-dependent transport (Perkins et al. 2022). Here, we provide clear evidence for
the fundamental mechanistic role of LACs in regulating lignin
amount and composition differently between cell types and
cell wall layers. In complement to LAC11, our study showed
that LAC4 and LAC17, previously shown to be involved in vascular lignification (Berthet et al. 2011; Zhao et al. 2013), had

non-redundant roles in the lignification of specific vascular cell
types. Far from being the only actors, we also revealed novel
and specific functions of LAC5, LAC10 and LAC12 in vascular
lignification. In higher-order lac mutants, the loss of different LAC combinations resulted in specific and non-redundant
biochemical changes on lignin chemistry affecting specific cell
type and/or cell wall layer (figures 3–5). Table 1 summarises
the different morphological and biochemical aspects observed
in our higher lac mutants, which confirm the substrate-specific,
layer-specific and cell type-specific activities of each of these
different LACs. The drastic reduction in lignin contents in
higher-order lac mutants, especially in fibre cell walls, demonstrated the implication of the five tested LACs for vascular
lignification (figure 4B). In contrast, the stable LAC activity in
MX TEs in our higher-order lac mutant series suggests that the
remaining LAC11, shown to be required for vascular lignification in the absence of LAC4 and 17 (Zhao et al. 2013), suffices
to ensure some lignification although both composition and
function of TEs are impaired. TEs thus required specific lignins,
differing between morphotypes, and accordingly LAC optimal
pH and substrate ranges differed between PX and MX (figures 2
and S3). Q specifically affected the high pH-dependent activity
present in MXs but absent in PXs when using the phenolic
substrate pyrogallol (figure S3). Phenolic substrates have reduced redox potentials at higher pH, making them easier to
oxidise (Rodgers et al. 2010). This likely explains the observed
second activity peak for PYGL at pH 7 (figure S3), which is
similar to the pH of the xylem sap in TEs (Blaschek and Pesquet 2021). This high pH combined with the high LAC activity
maintained weeks after MX TEs have undergone cell death
highlights the long-lasting capacity of sap conducting dead
MX TEs to efficiently lignify post-mortem (Pesquet et al. 2013;
Ménard et al. 2022). PRXs have also been shown to affect stem
lignification (Blaschek and Pesquet 2021) and to have higher
affinity for S than G monomers (Shigeto and Tsutsumi 2016).
Their residual activity may explain the increased S/G ratios in
the cell walls of higher-order lac mutants although our results
suggest that LACs are predominantly responsible for the oxid-
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ation of G monomers. However, the almost complete absence
of lignin from the IF SCWs suggests that PRXs are unable to
fulfil the role of LAC for lignin polymerisation in IFs, thereby
reinforcing the idea that PRXs and LACs have non-redundant
functions during lignin formation (Zhao et al. 2013). Our results also suggest that LACs discriminate both different ring
structures and aliphatic tails, as LAC4 favoured the incorporation of GCHOH whereas LAC17 accumulated more GCHO (figure
4). This non-redundant activity of LAC paralogs between cell
types and cell wall layers (figure 2) is moreover supported
by recent protein modelling results showing that LACs have
distinct protein structures affecting the position of key catalysing amino-acids, active site binding pocket volume, shape
and accessibility (Blaschek and Pesquet 2021). Previous localisation studies showed the ubiquitous localisation of LAC4
and LAC17 in the cell walls of fibres and TEs using fluorescent
protein fusion (Schuetz et al. 2014; Hoffmann et al. 2020) and
immunodetection (Berthet et al. 2011). LAC12 was shown to
belong to the microtubule-linked cargo targeted to TE SCWs
(Derbyshire et al. 2015). Our results clearly localised the activity of different LAC paralogs in distinct cell wall layers and cell
types, such as LAC12 in the CC of IFs (figures 2, 5). In vitro
LAC activity assays using heterologously expressed LACs have
moreover yielded unexpected results, with either LACs showing no activity (Sato et al. 2001), activities that were at odds
with the enzyme’s in vivo effect (He et al. 2019), or showing
activity only after adding water soluble xylem extracts to the
reaction buffer (Zhuo et al. 2022). Performing activity assays
directly in situ avoids these effects by maintaining the native
reaction environment of LACs and provides results that directly
reflect the function of the enzyme in planta. As such, our results
functionally demonstrate the role of differentially localised and
tightly cell wall-bound LACs in specific cell wall layers (Chou
et al. 2018) for controlling the spatial distribution of lignin. The
specific depletion of lignin autofluorescence in the CCs of Q-5,
Q-10 and Q has a striking resemblance to the unlignified CCs in
the eastern leatherwood (Mottiar et al. 2020). The atypical lignification pattern in that species was suggested to be responsible
for the high flexibility of its wood (Mottiar et al. 2020), suggesting that evolutionary – or biotechnological – modulation
of cell wall layer-specific LAC activity could adjust cell–cell
adhesion and the biomechanics of whole tissues without compromising the structural integrity of the individual cells. In
addition to the spatial restriction of lignification, specific cell
types in vascular tissues maintain distinct lignin composition
and amounts across species. TE enrichment in G residues for
example is conserved among all vascular plant species (Pesquet
et al. 2019). This cell type specific function of lignin has been
recently demonstrated for the different TE morphotypes that
require a tight regulation of GCHO to GCHOH ratio to maintain
the balance between SCW stiffness and flexibility (Ménard et
al. 2022). Here, we expand on the importance of distinct lignin
chemistries by showing that specific LACs control lignin composition to ensure lignin function in structurally reinforcing
TEs and regulating cell wall swelling in fibres (figures 6, 7).
Altogether, our data provides the missing link between lignin
monomer biosynthetic control and their polymerisation into
distinct lignin polymers in specific cell types for plants to adapt
to the numerous environmental and developmental stresses
faced by their cell walls.

Author Contributions
EP conceived the study. EP, DM and LB designed the experiments. LB, DM and EM performed the experiments. LB and EP
analysed the data. EP ensured financial support and scientific
expertise. LB and EP wrote the article. All co-authors revised
the manuscript.

Acknowledgements
This work was supported by Gunnar Öquist fellowship from
the Kempe foundation (to EP), Vetenskapsrådet (VR) research
grants 2010-4620 and 2016-04727 (to EP), the Stiftelsen för
Strategisk Forskning ValueTree (to EP), the Bolin Centre for
Climate Research RA3, RA4 and RA5 “seed money” and ”Engineering Mechanics for Climate Research” (to EP), and the Carl
Trygger Foundation CTS 16:362/17:16/18:306/21:1201 (to EP).
We also thank Bio4Energy (a strategic research environment appointed by the Swedish government), the UPSC Berzelii Centre
for Forest Biotechnology, and the Departments of Materials and
Environmental Chemistry (MMK), of Ecology, Environment
and Plant Sciences (DEEP) and the Bolin Centre for Climate
Research of Stockholm University (SU).

References
Agarwal, U. P., R. S. Reiner and S. A. Ralph. 2010. Cellulose I crystallinity determination using FT–Raman spectroscopy: univariate and
multivariate methods. Cellulose 17 (4): 721–733. doi:10 . 1007 /
s10570-010-9420-z.
Aoki, D., W. Okumura, T. Akita, Y. Matsushita, M. Yoshida, Y. Sano
and K. Fukushima. 2019. Microscopic distribution of syringin in
freeze-fixed Syringa vulgaris stems. Plant Direct 3 (8): e00155.
doi:10.1002/pld3.155.
Baldacci‐Cresp, F., C. Spriet, L. Twyffels, A.-S. Blervacq, G. Neutelings, M. Baucher and S. Hawkins. 2020. A rapid and quantitative safranin-based fluorescent microscopy method to evaluate cell wall lignification. The Plant Journal 102 (5): 1074–1089.
doi:10.1111/tpj.14675.
Bao, W., D. M. O’Malley, R. Whetten and R. R. Sederoff. 1993. A Laccase
Associated with Lignification in Loblolly Pine Xylem. Science 260
(5108): 672–674. doi:10.1126/science.260.5108.672.
Barros, J., L. Escamilla-Trevino, L. Song, X. Rao, J. C. Serrani-Yarce,
M. D. Palacios, N. Engle, F. K. Choudhury, T. J. Tschaplinski,
B. J. Venables, R. Mittler and R. A. Dixon. 2019. 4-Coumarate
3-hydroxylase in the lignin biosynthesis pathway is a cytosolic ascorbate peroxidase. Nature Communications 10 (1): 1994.
doi:10.1038/s41467-019-10082-7.
Barros, J., H. Serk, I. Granlund and E. Pesquet. 2015. The cell biology
of lignification in higher plants. Annals of Botany 115 (7): 1053–
1074. doi:10.1093/aob/mcv046.
Berthet, S., N. Demont-Caulet, B. Pollet, P. Bidzinski, L. Cezard, P.
Le Bris, N. Borrega, J. Herve, E. Blondet, S. Balzergue, C. Lapierre
and L. Jouanin. 2011. Disruption of LACCASE4 and 17 Results in
Tissue-Specific Alterations to Lignification of Arabidopsis thaliana Stems. The Plant Cell 23 (3): 1124–1137. doi:10.1105/tpc.110.
082792.
Blaschek, L., A. Champagne, C. Dimotakis, Nuoendagula, R. Decou, S.
Hishiyama, S. Kratzer, S. Kajita and E. Pesquet. 2020. Cellular and
Genetic Regulation of Coniferaldehyde Incorporation in Lignin
of Herbaceous and Woody Plants by Quantitative Wiesner Staining. Frontiers in Plant Science 11:109. doi:10.3389/fpls.2020.00109.

Blaschek et al. 2022

Page 12 of 15

bioRxiv preprint doi: https://doi.org/10.1101/2022.05.04.490011; this version posted May 5, 2022. The copyright holder for this preprint
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is
made available under aCC-BY 4.0 International license.

Blaschek, L., Nuoendagula, Z. Bacsik, S. Kajita and E. Pesquet. 2020.
Determining the Genetic Regulation and Coordination of Lignification in Stem Tissues of Arabidopsis Using Semiquantitative
Raman Microspectroscopy. ACS Sustainable Chemistry & Engineering 8 (12): 4900–4909. doi:10.1021/acssuschemeng.0c00194.
Blaschek, L., and E. Pesquet. 2021. Phenoloxidases in Plants—How
Structural Diversity Enables Functional Specificity. Frontiers in
Plant Science 12:2183. doi:10.3389/fpls.2021.754601.
Bonawitz, N. D., and C. Chapple. 2010. The Genetics of Lignin Biosynthesis: Connecting Genotype to Phenotype. Annual Review
of Genetics 44 (1): 337–363. doi:10.1146/annurev-genet-102209163508.
Bond, J., L. Donaldson, S. Hill and K. Hitchcock. 2008. Safranine fluorescent staining of wood cell walls. Biotechnic and Histochemistry
83 (3-4): 161–171. doi:10.1080/10520290802373354.
Brown, D. M., L. A. H. Zeef, J. Ellis, R. Goodacre and S. R. Turner.
2005. Identification of Novel Genes in Arabidopsis Involved in
Secondary Cell Wall Formation Using Expression Profiling and
Reverse Genetics. The Plant Cell 17 (8): 2281–2295. doi:10.1105/
tpc.105.031542.
Cai, X., E. J. Davis, J. Ballif, M. Liang, E. Bushman, V. Haroldsen, J.
Torabinejad and Y. Wu. 2006. Mutant identification and characterization of the laccase gene family in Arabidopsis. Journal of
Experimental Botany 57 (11): 2563–2569. doi:10.1093/jxb/erl022.
Chou, E. Y., M. Schuetz, N. Hoffmann, Y. Watanabe, R. Sibout and
A. L. Samuels. 2018. Distribution, mobility, and anchoring of
lignin-related oxidative enzymes in Arabidopsis secondary cell
walls. Journal of Experimental Botany 69 (8): 1849–1859. doi:10.
1093/jxb/ery067.
Decou, R., H. Serk, D. Ménard and E. Pesquet. 2017. Analysis of Lignin
Composition and Distribution Using Fluorescence Laser Confocal Microspectroscopy. In Methods in Molecular Biology, edited by M. de Lucas and J. P. Etchells, 1544:233–247. New York:
Springer. doi:10.1007/978-1-4939-6722-3.
Del Río, J. C., J. Rencoret, A. Gutiérrez, H. Kim and J. Ralph. 2017. Hydroxystilbenes Are Monomers in Palm Fruit Endocarp Lignins.
Plant Physiology 174 (4): 2072–2082. doi:10.1104/pp.17.00362.
Derbyshire, P., D. Ménard, P. Green, G. Saalbach, H. Buschmann, C. W.
Lloyd and E. Pesquet. 2015. Proteomic Analysis of Microtubule
Interacting Proteins over the Course of Xylem Tracheary Element Formation in Arabidopsis. The Plant Cell 27 (10): 2709–2726.
doi:10.1105/tpc.15.00314.
Donaldson, L. A., and N. Williams. 2018. Imaging and Spectroscopy
of Natural Fluorophores in Pine Needles. Plants 7 (1): 10. doi:10.
3390/plants7010010.
Eriksson, I., I. Haglind, O. Lidbrandt and L. Salmén L. 1991. Fiber swelling favoured by lignin softening. Wood Science and Technology
25 (2). doi:10.1007/BF00226813.
Faix, O., and D. Meier. 1989. Pyrolytic and hydrogenolytic degradation
studies on lignocellulosics, pulps and lignins. Holz als Roh- und
Werkstoff 47 (2): 67–72. doi:10.1007/BF02628617.
Fukushima, K., and N. Terashima. 1991. Heterogeneity in formation
of lignin – XV: Formation and structure of lignin in compression wood of Pinus thunbergii studied by microautoradiography.
Wood Science and Technology 25 (5): 371–381. doi:10 . 1007 /
BF00226177.
Fukushima, K., and N. Terashima. 1990. Heterogeneity in formation
of lignin – XIII: Formation of p-hydroxyphenyl lignin in various hardwoods visualized by microautoradiography. Journal of
Wood Chemistry and Technology 10 (4): 413–433. doi:10.1080/
02773819008050250.
Gehan, M. A., N. Fahlgren, A. Abbasi, J. C. Berry, S. T. Callen, L.
Chavez, A. N. Doust, M. J. Feldman, K. B. Gilbert, J. G. Hodge,
J. S. Hoyer, A. Lin, S. Liu, C. Lizárraga, A. Lorence, M. Miller, E.
Platon, M. Tessman and T. Sax. 2017. PlantCV v2: Image analysis

software for high-throughput plant phenotyping. PeerJ 5:e4088.
doi:10.7717/peerj.4088.
He, F., K. Machemer-Noonan, P. Golfier, F. Unda, J. Dechert, W. Zhang,
N. Hoffmann, L. Samuels, S. D. Mansfield, T. Rausch and S. Wolf.
2019. The in vivo impact of MsLAC1, a Miscanthus laccase isoform, on lignification and lignin composition contrasts with
its in vitro substrate preference. BMC Plant Biology 19 (1): 552.
doi:10.1186/s12870-019-2174-3.
Hiraide, H., Y. Tobimatsu, A. Yoshinaga, P. Y. Lam, M. Kobayashi, Y.
Matsushita, K. Fukushima and K. Takabe. 2021. Localised laccase
activity modulates distribution of lignin polymers in gymnosperm compression wood. New Phytologist 230 (6): 2186–2199.
doi:10.1111/nph.17264.
Hoffmann, N., A. Benske, H. Betz, M. Schuetz and A. L. Samuels. 2020.
Laccases and Peroxidases Co-Localize in Lignified Secondary
Cell Walls throughout Stem Development. Plant Physiology 184
(2): 806–822. doi:10.1104/pp.20.00473.
Joo, Y., H. Kim, M. Kang, G. Lee, S. Choung, H. Kaur, S. Oh, J. W. Choi, J.
Ralph, I. T. Baldwin and S.-G. Kim. 2021. Pith-specific lignification
in Nicotiana attenuata as a defense against a stem-boring herbivore. New Phytologist 232 (1): 332–344. doi:10.1111/nph.17583.
Kapp, N., W. J. Barnes, T. L. Richard and C. T. Anderson. 2015. Imaging
with the fluorogenic dye Basic Fuchsin reveals subcellular patterning and ecotype variation of lignification in Brachypodium
distachyon. Journal of Experimental Botany 66 (14): 4295–4304.
doi:10.1093/jxb/erv158.
Kawamoto, H. 2017. Lignin pyrolysis reactions. Journal of Wood Science
63 (2): 117–132. doi:10.1007/s10086-016-1606-z.
Kim, H., J. Ralph, F. Lu, S. a Ralph, A. M. Boudet, J. J. MacKay, R. R.
Sederoff, T. Ito, S. Kawai, H. Ohashi and T. Higuchi. 2003. NMR
analysis of lignins in CAD-deficient plants. Part 1. Incorporation of hydroxycinnamaldehydes and hydroxybenzaldehydes
into lignins. Organic & biomolecular chemistry 1 (2): 268–281.
doi:10.1039/b209686b.
Kutscha, N. P., and J. R. Gray. 1972. The suitability of certain stains
for studying lignification in balsam fir, Abies balsamea (L.) Mill.
Technical bulletin of the University of Maine (Orono) 53 (March):
1–51.
Lan, W., F. Lu, M. Regner, Y. Zhu, J. Rencoret, S. A. Ralph, U. I. Zakai,
K. Morreel, W. Boerjan and J. Ralph. 2015. Tricin, a Flavonoid
Monomer in Monocot Lignification. Plant Physiology 167 (4):
1284–1295. doi:10.1104/pp.114.253757.
Lima, T. R. A., E. C. D. Carvalho, F. R. Martins, R. S. Oliveira, R. S.
Miranda, C. S. Müller, L. Pereira, P. R. L. Bittencourt, J. C. M. S. M.
Sobczak, E. Gomes‐Filho, R. C. Costa and F. S. Araújo. 2018.
Lignin composition is related to xylem embolism resistance and
leaf life span in trees in a tropical semiarid climate. New Phytologist 219 (4): 1252–1262. doi:10.1111/nph.15211.
Lion, C., C. Simon, B. Huss, A.-S. Blervacq, L. Tirot, D. Toybou, C.
Spriet, C. Slomianny, Y. Guerardel, S. Hawkins and C. Biot. 2017.
BLISS: A Bioorthogonal Dual-Labeling Strategy to Unravel Lignification Dynamics in Plants. Cell Chemical Biology 24 (3): 326–
338. doi:10.1016/j.chembiol.2017.02.009.
Meents, M. J., Y. Watanabe and A. L. Samuels. 2018. The cell biology
of secondary cell wall biosynthesis. Annals of Botany 121 (6):
1107–1125. doi:10.1093/aob/mcy005.
Ménard, D., L. Blaschek, K. Kriechbaum, C. C. Lee, H. Serk, A. Lyubartsev, Z. Bacsik, L. Bergström, A. Mathew, S. Kajita and E. Pesquet.
2022. Dynamic incorporation of specific lignin residues controls
the biomechanics of the plant vasculature and its resilience to
environmental changes. bioRxiv, 1–15. doi:10.1101/2021.06.12.
447240.
Ménard, D., S. Escamez, H. Tuominen and E. Pesquet. 2015. Life Beyond Death: The Formation of Xylem Sap Conduits. In Plant Programmed Cell Death, 55–75. Springer. doi:10.1007/978-3-31921033-9_3.

Blaschek et al. 2022

Page 13 of 15

bioRxiv preprint doi: https://doi.org/10.1101/2022.05.04.490011; this version posted May 5, 2022. The copyright holder for this preprint
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is
made available under aCC-BY 4.0 International license.

Meyer, K., A. M. Shirley, J. C. Cusumano, D. A. Bell-Lelong and C.
Chapple. 1998. Lignin monomer composition is determined by
the expression of a cytochrome P450-dependent monooxygenase
in Arabidopsis. Proceedings of the National Academy of Sciences
95 (12): 6619–6623. doi:10.1073/pnas.95.12.6619.
Mir Derikvand, M., J. B. Sierra, K. Ruel, B. Pollet, C.-T. Do, J. Thévenin,
D. Buffard, L. Jouanin and C. Lapierre. 2008. Redirection of
the phenylpropanoid pathway to feruloyl malate in Arabidopsis
mutants deficient for cinnamoyl-CoA reductase 1. Planta 227 (5):
943–956. doi:10.1007/s00425-007-0669-x.
Morel, O., C. Lion, G. Neutelings, J. Stefanov, F. Baldacci‐Cresp, C. Simon, C. Biot, S. Hawkins and C. Spriet. 2022. REPRISAL: mapping
lignification dynamics using chemistry, data segmentation, and
ratiometric analysis. Plant Physiology 188 (2): 816–830. doi:10.
1093/plphys/kiab490.
Mottiar, Y., N. Gierlinger, D. Jeremic, E. R. Master and S. D. Mansfield.
2020. Atypical lignification in eastern leatherwood (Dirca palustris). New Phytologist 226 (3): 704–713. doi:10.1111/nph.16394.
Peng, F., and U. Westermark. 1997. Distribution of Coniferyl Alcohol
and Coniferaldehyde Groups in the Cell Wall of Spruce Fibres.
Holzforschung 51 (6): 531–536.
Perkins, M. L., M. Schuetz, F. Unda, K. T. Chen, M. B. Bally, J. A.
Kulkarni, Y. Yan, J. Pico, S. D. Castellarin, S. D. Mansfield and
A. L. Samuels. 2022. Monolignol export by diffusion down a
polymerization-induced concentration gradient. The Plant Cell
34 (5): 2080–2095. doi:10.1093/plcell/koac051.
Perkins, M. L., R. A. Smith and L. Samuels. 2019. The transport of
monomers during lignification in plants: anything goes but how?
Current Opinion in Biotechnology 56:69–74. doi:10.1016/j.copbio.
2018.09.011.
Pesquet, E., A. V. Korolev, G. Calder and C. W. Lloyd. 2010. The
Microtubule-Associated Protein AtMAP70-5 Regulates Secondary Wall Patterning in Arabidopsis Wood Cells. Current Biology
20 (8): 744–749. doi:10.1016/j.cub.2010.02.057.
Pesquet, E., P. Ranocha, S. Legay, C. Digonnet, O. Barbier, M. Pichon
and D. Goffner. 2005. Novel Markers of Xylogenesis in Zinnia Are Differentially Regulated by Auxin and Cytokinin. Plant
Physiology 139 (4): 1821–1839. doi:10.1104/pp.105.064337.
Pesquet, E., A. Wagner and J. H. Grabber. 2019. Cell culture systems:
invaluable tools to investigate lignin formation and cell wall
properties. Current Opinion in Biotechnology 56:215–222. doi:10.
1016/j.copbio.2019.02.001.
Pesquet, E., B. Zhang, A. Gorzsás, T. Puhakainen, H. Serk, S. Escamez,
O. Barbier, L. Gerber, C. Courtois-Moreau, E. Alatalo, L. Paulin,
J. Kangasjarvi, B. Sundberg, D. Goffner and H. Tuominen. 2013.
Non-Cell-Autonomous Postmortem Lignification of Tracheary
Elements in Zinnia elegans. The Plant Cell 25 (4): 1314–1328.
doi:10.1105/tpc.113.110593.
Preibisch, S., S. Saalfeld and P. Tomancak. 2009. Globally optimal stitching of tiled 3D microscopic image acquisitions. Bioinformatics
25 (11): 1463–1465. doi:10.1093/bioinformatics/btp184.
Rencoret, J., D. Neiva, G. Marques, A. Gutiérrez, H. Kim, J. Gominho,
H. Pereira, J. Ralph and J. C. del Río. 2019. Hydroxystilbene Glucosides Are Incorporated into Norway Spruce Bark Lignin. Plant
Physiology 180 (3): 1310–1321. doi:10.1104/pp.19.00344.
Rencoret, J., M. J. Rosado, H. Kim, V. I. Timokhin, A. Gutiérrez, F.
Bausch, T. Rosenau, A. Potthast, J. Ralph and J. C. del Río. 2022.
Flavonoids naringenin chalcone, naringenin, dihydrotricin, and
tricin are lignin monomers in papyrus. Plant Physiology 188 (1):
208–219. doi:10.1093/plphys/kiab469.
Richardson, A., J. Duncan and G. J. McDougall. 2000. Oxidase activity
in lignifying xylem of a taxonomically diverse range of trees:
identification of a conifer laccase. Tree Physiology 20 (15): 1039–
1047. doi:10.1093/treephys/20.15.1039.

Rodgers, C. J., C. F. Blanford, S. R. Giddens, P. Skamnioti, F. A. Armstrong and S. J. Gurr. 2010. Designer laccases: a vogue for highpotential fungal enzymes? Trends in Biotechnology 28 (2): 63–72.
doi:10.1016/j.tibtech.2009.11.001.
Sato, Y., B. Wuli, R. Sederoff and R. Whetten. 2001. Molecular Cloning
and Expression of Eight Laccase cDNAs in Loblolly Pine (Pinus
taeda). Journal of Plant Research 114 (2): 147–155. doi:10.1007/
PL00013978.
Schindelin, J., I. Arganda-Carreras, E. Frise, V. Kaynig, M. Longair,
T. Pietzsch, S. Preibisch, C. Rueden, S. Saalfeld, B. Schmid, J. Y.
Tinevez, D. J. White, V. Hartenstein, K. Eliceiri, P. Tomancak and
A. Cardona. 2012. Fiji: An open-source platform for biologicalimage analysis. Nature Methods 9 (7): 676–682. doi:10.1038/nmeth.
2019.
Schuetz, M., A. Benske, R. A. Smith, Y. Watanabe, Y. Tobimatsu, J.
Ralph, T. Demura, B. Ellis and A. L. Samuels. 2014. Laccases Direct Lignification in the Discrete Secondary Cell Wall Domains
of Protoxylem. Plant Physiology 166 (2): 798–807. doi:10.1104/pp.
114.245597.
Serk, H., A. Gorzsás, H. Tuominen and E. Pesquet. 2015. Cooperative
lignification of xylem tracheary elements. Plant Signaling and
Behavior 10 (4): 1–5. doi:10.1080/15592324.2014.1003753.
Shigeto, J., and Y. Tsutsumi. 2016. Diverse functions and reactions of
class III peroxidases. New Phytologist 209 (4): 1395–1402. doi:10.
1111/nph.13738.
Smith, R. A., M. Schuetz, M. Roach, S. D. Mansfield, B. Ellis and L.
Samuels. 2013. Neighboring Parenchyma Cells Contribute to
Arabidopsis Xylem Lignification, while Lignification of Interfascicular Fibers Is Cell Autonomous. The Plant Cell 25 (10): 3988–
3999. doi:10.1105/tpc.113.117176.
Smith, R. A., C. L. Cass, M. Mazaheri, R. S. Sekhon, M. Heckwolf, H. Kaeppler, N. de Leon, S. D. Mansfield, S. M. Kaeppler, J. C. Sedbrook,
S. D. Karlen and J. Ralph. 2017. Suppression of CINNAMOYLCoA REDUCTASE increases the level of monolignol ferulates
incorporated into maize lignins. Biotechnology for Biofuels 10 (1):
109. doi:10.1186/s13068-017-0793-1.
Srebotnik, E., and K. Messner. 1994. A Simple Method That Uses Differential Staining and Light Microscopy To Assess the Selectivity of
Wood Delignification by White Rot Fungi. Applied and Environmental Microbiology 60 (4): 1383–1386. doi:10.1128/aem.60.4.13831386.1994.
Sundell, D., N. R. Street, M. Kumar, E. J. Mellerowicz, M. Kucukoglu, C.
Johnsson, V. Kumar, C. Mannapperuma, N. Delhomme, O. Nilsson, H. Tuominen, E. Pesquet, U. Fischer, T. Niittylä, B. Sundberg
and T. R. Hvidsten. 2017. AspWood: High-Spatial-Resolution
Transcriptome Profiles Reveal Uncharacterized Modularity of
Wood Formation in Populus tremula. The Plant Cell 29 (7): 1585–
1604. doi:10.1105/tpc.17.00153.
Terashima, N., R. Atalla, S. Ralph, L. Landucci, C. Lapierre and B.
Monties. 1996. New Preparations of Lignin Polymer Models
under Conditions that Approximate Cell Wall Lignification. II.
Structural Characterization of the Models by Thioacidolysis.
Holzforschung 50 (1): 9–14. doi:10.1515/hfsg.1996.50.1.9.
Terashima, N., and K. Fukushima. 1988. Heterogeneity in formation
of lignin – XI: An autoradiographic study of the heterogeneous
formation and structure of pine lignin. Wood Science and Technology 22 (3): 259–270. doi:10.1007/BF00386021.
Tobimatsu, Y., A. Wagner, L. Donaldson, P. Mitra, C. Niculaes, O. Dima,
J. I. Kim, N. Anderson, D. Loque, W. Boerjan, C. Chapple and
J. Ralph. 2013. Visualization of plant cell wall lignification using
fluorescence-tagged monolignols. Plant Journal 76 (3): 357–366.
doi:10.1111/tpj.12299.
Turlapati, P. V., K. W. Kim, L. B. Davin and N. G. Lewis. 2011. The
laccase multigene family in Arabidopsis thaliana: Towards addressing the mystery of their gene function(s). Planta 233 (3):
439–470. doi:10.1007/s00425-010-1298-3.

Blaschek et al. 2022

Page 14 of 15

bioRxiv preprint doi: https://doi.org/10.1101/2022.05.04.490011; this version posted May 5, 2022. The copyright holder for this preprint
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is
made available under aCC-BY 4.0 International license.

Väisänen, E., J. Takahashi, O. Obudulu, J. Bygdell, P. Karhunen, O.
Blokhina, T. Laitinen, T. H. Teeri, G. Wingsle, K. V. Fagerstedt and
A. Kärkönen. 2020. Hunting monolignol transporters: membrane
proteomics and biochemical transport assays with membrane
vesicles of Norway spruce. Journal of Experimental Botany 71
(20): 6379–6395. doi:10.1093/jxb/eraa368.
Vermaas, J. V., R. A. Dixon, F. Chen, S. D. Mansfield, W. Boerjan, J.
Ralph, M. F. Crowley and G. T. Beckham. 2019. Passive membrane transport of lignin-related compounds. Proceedings of the
National Academy of Sciences 116 (46): 23117–23123. doi:10.1073/
pnas.1904643116.
Wang, X., C. Zhuo, X. Xiao, X. Wang, M. Docampo-Palacios, F. Chen
and R. A. Dixon. 2020. Substrate Specificity of LACCASE8 Facilitates Polymerization of Caffeyl Alcohol for C-Lignin Biosynthesis
in the Seed Coat of Cleome hassleriana. The Plant Cell 32 (12):
3825–3845. doi:10.1105/tpc.20.00598.
Whitehill, J. G., H. Henderson, M. Schuetz, O. Skyba, M. M. S. Yuen,
J. King, A. L. Samuels, S. D. Mansfield and J. Bohlmann. 2016.
Histology and cell wall biochemistry of stone cells in the physical
defence of conifers against insects. Plant Cell and Environment
39 (8): 1646–1661. doi:10.1111/pce.12654.
Wickham, H., M. Averick, J. Bryan, W. Chang, L. McGowan, R. François,
G. Grolemund et al. 2019. Welcome to the Tidyverse. Journal of
Open Source Software 4 (43): 1686. doi:10.21105/joss.01686.
Yamamoto, M., L. Blaschek, E. Subbotina, S. Kajita and E. Pesquet. 2020.
Importance of Lignin Coniferaldehyde Residues for Plant Prop-

erties and Sustainable Uses. ChemSusChem 13 (17): 4400–4408.
doi:10.1002/cssc.202001242.
Yamashita, D., S. Kimura, M. Wada and K. Takabe. 2016. Improved
Mäule color reaction provides more detailed information on syringyl lignin distribution in hardwood. Journal of Wood Science
62 (2): 131–137. doi:10.1007/s10086-016-1536-9.
Zhao, Q., J. Nakashima, F. Chen, Y. Yin, C. Fu, J. Yun, H. Shao, X. Wang,
Z.-Y. Wang and R. A. Dixon. 2013. LACCASE Is Necessary and
Nonredundant with PEROXIDASE for Lignin Polymerization during Vascular Development in Arabidopsis. The Plant Cell 25 (10):
3976–3987. doi:10.1105/tpc.113.117770.
Zhong, R., and Z. H. Ye. 1999. IFL1, a gene regulating interfascicular
fiber differentiation in Arabidopsis, encodes a homeodomainleucine zipper protein. The Plant Cell 11 (11): 2139. doi:10.1105/
tpc.11.11.2139.
Zhu, N., C. Zhao, Y. Wei, C. Sun, D. Wu and K. Chen. 2021. Biosynthetic labeling with 3-O-propargylcaffeyl alcohol reveals in vivo
cell-specific patterned lignification in loquat fruits during development and postharvest storage. Horticulture Research 8 (61).
doi:10.1038/s41438-021-00497-z.
Zhuo, C., X. Wang, M. Docampo-Palacios, B. C. Sanders, N. L. Engle,
T. J. Tschaplinski, J. I. Hendry, C. D. Maranas, F. Chen and R. A.
Dixon. 2022. Developmental changes in lignin composition are
driven by both monolignol supply and laccase specificity. Science
Advances 8 (10): eabm8145. doi:10.1126/sciadv.abm8145.

Blaschek et al. 2022

Page 15 of 15

