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Fig. 4. Kymographs reveal apparent mechanical reset post-electrical stimulation. (A-C) Averaged directionality order parameter ¢ kymographs (see Methods) demonstrate
the evolution of x-axis motion patterns across a whole tissue. (A) Control tissues, (B) electrically stimulated tissues, and (C) tissues with EGTA-disrupted cell-cell junctions
(see Methods), where the end of treatment was timed to coincide with the end of stimulation in B for optimal comparison. Dashes diagonal lines in B-C demarcate the
‘triangles’—inward traveling waves of outward migration induced by mechanical reset. (D) Plot of the positions of these traveling waves in B,C; lines are linear best fits, see
panel legend and Methods. (E) Traveling wave speeds from slopes of linear fits in D: EGTA junction disruption (green); and electrically stimulated tissues (gray). Error bars
indicate standard deviation. (F) Profile at t = 7 h of directionality order parameter ¢ across all three kymographs, as marked by the dashed black line across panels A-C.
Shading indicates standard deviation across tissues. For all panels, Ncontror = 6, Nstimuiated = 9, NegTa = 3.

parison, we replicated this perturbation using a 30 minute
pulse of EGTA (Fig. 4C; see Methods) to briefly chelate cal-
cium and transiently disassemble E-cadherin binding between
cells in an otherwise control tissue, and observed remark-
ably similar inward traveling waves of cell mobilization upon
restoration of calcium. We confirmed that the inward travel-
ing waves induced by both electrical stimulation and calcium
chelation featured linear propagation at rates of ~ 100 pm/h
(Fig. 4D-E), in agreement with those previously described (63)
and consistent with a large-scale mechanical ‘reset’ caused by
removal of the global bioelectric command.

While halting electrotaxis and transiently disrupting cell-
cell adhesion produced similar effects on tissue boundaries, a
key difference in the response lies in the bulk tissue behavior,
where post-stimulation tissues still exhibited directional mem-
ory in the bulk (Figs. 3, center of 4B in 4-10 h range), while
chemical disruption of cell-cell junctions largely shut down cell
motility in the bulk (center of Fig. 4C in 4-10 h range). We
quantified this by analyzing line sections taken across each
kymograph at t = 7 h (Fig. 4F), giving us a snapshot of the
profile across the tissues 3 h after the respective perturbations.
Control tissues exhibited a smooth and largely symmetric,
graded directionality profile from the center of the tissue out-
ward (Fig. 4F, black dashed curve). Tissues with transient
chemical disruption of cell-cell junctions exhibited highly di-
rected edge zones, but no net directionality in the bulk (Fig.
4F, green curve). However, post-stimulation tissues exhibited
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not only similar directed edge zones to the junctional disrup-
tion case, but a central zone with net positive directionality,
implying persistent rightward motion long after stimulation
had ceased (Fig. 4F, red curve, matching ‘memory’ shown in
Fig. 3). Hence, ending electrical stimulation appears to reset
the tissue’s mechanical state at the boundaries similarly to
chemically disrupted cell-cell adhesion. However, despite simi-
larity in migratory behavior at tissue edges, it is unlikely that
electrotaxis disrupts cell-cell junctions as E-cadherin has been
shown to be necessary for MDCK and certain other epithelial
electrotaxis (23, 24). Moreover, the migratory memory and
preservation of front-rear polarity in the tissue bulk was only
observed post-electrotaxis, and not post-junctional disruption.

Programmed migration with electrotaxis disrupts collective
strain wave propagation. As commanding a tissue to migrate

‘rightward’, and abruptly negating that command, both appear

to alter the tissue mechanical state in a location dependent
fashion akin to junctional disruption, we next sought a biophys-
ical mechanism coupling collective migration behaviors across
a tissue. Critically, the waves from Fig. 4 represent coordi-
nated inward-traveling mechanical waves of outward-directed
migration, which ultimately allow the motile tissue edges to
mechanically influence migration within the tissue bulk. For
instance, if a leading edge cell in a cohesive tissue migrates
outward, then its immediate rearward-adhered neighbor can
follow, allowing that cell’s own rearward neighbor to follow
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suit, and so on, thus forming a wave of force-coupling and cell
mobilization. Such waves have been shown to create zones
of stretching and compressing, that are transmitted across
the tissue via ‘strain waves’, and tend to originate at tissue
boundaries (57, 63). To capture these waves and analyze the
overall rate of cellular deformations, we measured the rate of
strain—stretching (positive) or compressing (negative)—from
the PIV vector fields, as de for strain rate in the z-direction
(€za) and Y

Since straln waves are difficult to visualize in such large
tissues, we represented our control tissue bulk data as strain
rate kymographs, a horizontal strip for é;, (Fig. 5A) and a
vertical strip for €, (Fig. 5B), from the strain rate vector fields,
similar in form and presentation to the strain waves depicted
in prior studies (63). Waves of €, traveled primarily in the
z-direction, appearing as diagonal regions of stretch (tensile
strain rate; purple in Fig. 5A) or compression (compressive
strain rate; green in Fig. 5A) in the z-t kymograph, with
the slopes confirming that these waves propagated at similar
rates as the triangular waves previously discussed in Fig. 4.
Similarly, é,, waves traveled primarily in the y-direction, seen
in the y-t kymograph (Fig. 5B, also depicted with sample
slope speed illustrations). Movie 5, with control and stimulated
tissues side-by-side, visually portrays general changes in strain
rate dynamics, especially the boundary and bulk effects post-
stimulation.

Kymographs of strain rate only visually capture wave prop-

Y for strain rate in the y-direction (éyy).

A Bulk strain rate waves
(control tissue, x-axis)

agation that persists for several hours. To quantify the propa-
gation direction of these waves in the shorter timescales of our
experiments, we performed additional PIV analysis on image
sequences of strain waves themselves (see Methods). This
produced vector fields of the primary propagation direction
of strain waves at each location within the tissue for every
timepoint, which we denote as 0, (for éz» waves) and 6y, (for
€yy waves). We then plotted polar histograms of 0., and 0y,
within the tissue bulk to visualize the distribution of strain
rate propagation direction (Figs. 5C-D). In the unstimulated
control hour (0-1 h; gray-shaded left histograms of Figs. 5C-D),
as in control tissues (above, Figs. 5A-B), é;, waves travel pri-
marily horizontally with equal leftward- and rightward-moving
waves (Fig. 5C, left), and é,, waves travel primarily vertically
with balanced upward- and downward-moving waves (Fig. 5D,
left). This matches expectations whereby information in a
symmetric, unperturbed tissue should propagate equally from
all free edges throughout the tissue.

Surprisingly however, these dynamics dramatically changed
during and after electrical stimulation, where the é,, strain
waves primarily propagated leftward, with this effect being
even more pronounced post-stimulation than during electro-
taxis itself (Fig. 5C, center and right). This means that
globally ‘rightward’ electrotaxis induces a mechanical tissue
state, such that horizontally-traveling waves within the tis-
sues are dominated by those that would normally stem from
the rightward (leading) edge. By contrast, é,, waves were

C Direction of travel for bulk strain rate waves: Oxx

Exx (1/h) 120 %80 60 1202080 60 1202280 60 E Mean bu.lk St.ram rate
05 -025 0 025 05 60 60 60 wave directionality
Comp)r(essing Stretching 30 150 40 80 150 40 0 Mean COS(eii)
0h 0 180 0 180 0 (_}1'0 -0.5 9 op 19
t
330 210 330 210 330 Jegececccoooo S
0-1h 2-4 h 8-10 h ‘»,>
2405y 300 24055 30 240570 5 T
Pre-stimulation During stimulation Post-stimulation %
10 h i
L]
1 mm E ------------ -‘- -------- 3
B Bulk strain rate waves o 5]
(control tissue, y-axis) D Direction of travel for bulk strain rate waves: ny E
0578 ) 90 1)
S 120 60 120 5 0 120 eo
K 100
0.25 %] 150 50
< 180 0 180 *
E 0 0«‘§xx control £,y control
‘W g> 210 0-1h 330 210 2-4 h 330 210 8-10 h 330 Exx stim = Syy stim
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05 g Pre-stimulation During stimulation Post-stimulation
. o
o

Fig. 5. Strain waves reorient based on electrical stimulation. (A) Representative x-t kymograph (1 mm over 10 h) of bulk strain rate ¢, in unstimulated tissues showing
horizontal strain wave propagation. Positive strain rate (purple) indicates stretch; negative strain (green) indicates compression. Wave propagation speeds (slope of dashed
orange lines) varied from 75 pm/h to 120 um/h. (B) Representative y-t kymograph of bulk strain rate ¢, ; note vertical orientation relative to 5A to emphasize vertical strain
wave propagation. (C) Polar histograms of strain rate wave direction, 6...., in stimulated tissues plotted for three experimental regimes: unstimulated (gray, 0-1 h); stimulated
(red, 2-4 h); post-stimulation (yellow, 8-10 h). Note sustained leftward shift of 6., post-stimulation. (D) Polar histograms of strain rate wave direction, 6,,,,, analogous to
5C. Note transient rightward orientation during stimulation (red), followed by recovery to baseline post-stimulation (yellow) strongly matching the unstimulated case (gray).
(E) Quantification of average strain wave directionality (mean cos(6;;); -1 is leftward, +1 is rightward) for each condition. Control tissue cases of ¢, (black) and é,,,, (gray)
show no net directionality. Orange squares show mean cos(6,) time-course in stimulated tissues. Note perturbation during stimulation and persistent lack of recovery, biased
leftward. Purple triangles show mean cos(6,,,) in stimulated tissues. Note rightward perturbation during stimulation and clear recovery post-stimulation. Shading indicates
standard deviation across tissues. Panels C-E data is averaged over N=9 stimulated tissues.
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strongly biased in the direction of stimulation during elec-
trotaxis (90 degrees of their baseline orientation), essentially
shifting with the cell migration itself, but this effect relaxed
post-stimulation to match control orientation (Fig. 5D, center
and right). These data suggest that, while active electrotaxis
appears to reprogram much of the endogenous mechanical
strain state within a tissue, the lasting impact lies only along
the axis of induced migration.

To further illuminate this, we analyzed the dynamics of
the strain wave disruption process using the average value of
c08(0zz) and of cos(0yy) within the tissue bulk as a metric for
the directionality of é,, and é,, waves, respectively (Fig. 5E).
A directionality of 1 would represent a tissue for which waves
are only traveling parallel to the field, while a directionality
of -1 would represent waves only traveling antiparallel. é,,
directionality peaked to the right about 1 h after stimula-
tion was initiated and decayed quickly after stimulation was
turned off (Fig. 5E, purple triangles), a time-course which is
strikingly reminiscent to that of speed (Fig. 3B). éz. waves
were more nuanced, with large negative jumps in directionality
in the first timepoint of stimulation and the first timepoint
post-stimulation, each followed by dynamic changes which are
perhaps tied to viscoelastic effects. Post-stimulation, however,
the é,, directionality eventually reaches a distinct new steady
state—a long-term bias toward the trailing edge with no ap-
parent decay (Fig. 5E, orange squares). The initial immediate
changes to wave propagation bear resemblance to waves of
signaling that span a tissue in the matter of minutes as a
response to tissue damage, which also promptly move leftward
from a wound at the right edge (65—67), in contrast to the
much slower mechanical waves that produced the boundary
‘triangles’ in the kymographs in Figs. 4B-C and of migration
upon release of a barrier (63). In these data, we see that both
initiation and remowval of stimulation strongly reprogrammed
the mechanical state of the tissue. This long-lasting change
of mechanical communication should produce changes in the
collective structure of cell migration, which we analyze next.

Driving collective cell migration overrides and weakens cell-
cell crowd interaction dynamics even post-stimulation. A key
hallmark of any collective motion process is that information
couples well beyond simple nearest-neighbor interactions. In
bird flocks, neighbor correlation dynamics may propagate up
to 7 neighbors (27), while the MDCK epithelium is known
to exhibit correlated domains of 5-10+ cells (68, 69), medi-
ated by cell-cell adhesion (70-72). However, programming
a particular pattern of migration into a group that already
possesses internal collective coupling necessitates a conflict
(7), mediated in electrotaxing epithelia by E-cadherin cell-cell
adhesion (4, 7, 23). Given this framework, we hypothesized
that electrically programming collective cell migration might
reprogram the endogenous correlation length to force cells to
entrain to the migration command, and that the relaxation
behaviors we observed were driven by a re-establishment of
the native correlation dynamics.

To test this hypothesis, we calculated the velocity-velocity
spatial correlation length both parallel (V,) and perpendicular
(Vy) to the electric field stimulation axis at each time point
using PIV data. The correlation length reflects the approx-
imate size of correlated domains within a larger population.
When calculating velocity-velocity correlations in a highly di-
rected system (e.g. flocks of birds, road traffic, or ensembles
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of electrotaxing cells), it is critical to first subtract the global
mean velocity at any given time and therefore perform corre-
lation analysis on the velocity residuals, or fluctuations about
the mean, which much better capture the internal cell-cell
interactions by removing the global bias (39, 73). This effect
is demonstrated in Figs. 6A-B, where we compare the raw
velocity field to the residuals, respectively, with insets that
emphasize the importance of correlating the residuals in our
directed migratory system. The averaged correlation over
time and its statistical comparisons are shown in Figs. 6C-D.

A Velocity field
during electrotaxis

B Residual velocity field
during electrotaxis

1 t = 2.67 hours 1 t=267 hours
30 30
T 20 t 20 §
g’ 10T é 10 =
c E c 0
S 0% 8 o 3
= = B =
8 105" 8 0%
& TR x
> -20 > 20 X
-30 -30

05 0 05
x-position (mm)

W S ———— 7

———
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N S i S ‘. -
-~ = \\//, now .
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C Correlation length in Vx
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| [} - ns * *
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& 1004 ; S 100
509 ! i 0
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Fig. 6. Electrical stimulation has a lasting effect on spatial correlations. (A) Velocity
heatmap during electrotaxis showing the global stimulus response of the central 1 x1
mm region of a representative tissue. Inset shows velocity vector field in a 200 100
pm zone. (B) Corresponding heatmap of velocity residuals during electrotaxis empha-
sizing many small, correlated domains. Corresponding inset to A showing underlying
domains. (C),left Temporal dynamics of correlation length for V,: C, (r) showing
increased correlation during stimulation and decreased correlation post stimulation.
(C),right Statistical comparisons of C,, () relative to control (*, p = 0.04) emphasize
~40% relative increase during stimulation and ~40% decrease post-stimulation.
(D), left Temporal dynamics of correlation length for V,,: C\, (). (D),right Statistical
comparisons of C, (r) relative to control (**, p = 0.004; *, p = 0.04). Note sustained
drop in correlation relative to control by 10 hrs. For all correlations, shading and error
bars indicate standard deviation; Ngstimuiated =9, Neontrol = 6.
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Representative correlation curves are shown in Fig. S4, and
our approach is described in Methods.

We first analyzed correlation length parallel to the field
axis, Cy(r), as shown in Fig. 6C. For reference, we initially
quantified the z-axis velocity correlation length of control tis-
sues over the experimental time period (Fig. 6C, dashed black
curve), confirming the expected gradual increase over time
(61). By contrast, during stimulation, we noted a significant
increase (nearly 40% by the end of stimulation; Fig. 6C red
curve, and center of bar plot) compared to unstimulated con-
trol tissues of Cy(r), followed by a similarly strong reduction
relative to control tissues after the stimulus was removed (Fig.
6C, right side of bar plot). However, unlike our other metrics
such as the directionality order parameter or mean velocity
(e.g. Figs. 2,3), Cx(r) showed no signs of equilibrating to the
control tissue behavior, even 6 hours post-stimulation—twice
the stimulation period (Fig. 6C, plateau trend from 7 h on,
and right side of bar plot). As mechanical strain state ex-
hibited different behaviors parallel and perpendicular to the
field axis, we also analyzed how correlation lengths changed
perpendicular to the field axis, Cy(r) (Fig. 6D). Here, we saw
a significant decrease in correlation length (approx. 25%, Fig.
6D red curve, and center of bar plot) relative to the control
tissue by the end of the stimulation period, followed by simi-
lar behavior to what we observed in C(r) post-stimulation,
where Cy(r) again remained significantly depressed relative
to correlations in an unstimulated control tissue by the tenth
hour (Fig. 6D, plateau trend from 7 h on, and right side of
bar plot).

These data emphasize several key details. First, there
appears to be a trade-off between C.(r) and Cy(r) during
stimulation, where stronger correlations of cell migration fluc-
tuations along the field axis necessitate weaker correlations in
the orthogonal axis. More surprising, perhaps, was the clear
reduction in correlation length that occurred in all axes post-
stimulation relative to a control tissue (right sides of bar plots
in Figs. 6C-D). This reduction in correlated domain size again
implies that the act of removing the field stimulus appears to
trigger a long-term, large-scale loss, or a ‘reset’ of the tissue
state relative to an unperturbed tissue—consistent with the
resetting of biophysical behaviors shown in Fig. 4. Further,
this emphasizes that our earlier hypothesis was incorrect—the
post-stimulation speed and directionality relaxation dynamics
do not, in fact, reflect a restoration of baseline correlations.

Discussion

This study furthers our understanding of bioelectric manipula-
tion of collective cell migration and general control of group dy-
namics in two key regards. First, we comprehensively assessed
the complete step response of a tissue undergoing electrotac-
tic migration, from onset of directed migration to long-term
relaxation. Next, we linked these temporal dynamics to spe-
cific, supracellular patterns of electrotaxis at the tissue scale.
Together, these results revealed both that short-term driven
migration can produce longer-term changes to collective cell
behaviors (e.g. Figs. 3,4), and that these effects play out dif-
ferently throughout the tissue (e.g. bulk, leading, trailing, or
perpendicular edges) as in Figs. 1,2,5. More broadly, our data
imply that globally driven directed cell migration (mediated by
electrotaxis here) appeared to ‘reset’ key mechanical aspects of
the stimulated tissue, both during and long after stimulation,
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affecting not only collective tissue growth dynamics (Fig. 4),
but also cell-cell interaction range (Fig. 6), apparently medi-
ated by alterations to how mechanical strain coupled across
cells (Fig. 5).

How migratory programming affects a tissue in time is at
least as important as the spatial, or supracellular response,
as large variations in response timescales contributed to the
overall emergent collective behaviors during and after stimula-
tion. Many tissues, such as epithelia, are tightly cohesive due
to cell-cell interactions, which gives rise to both elastic and
viscous tissue mechanics at various timescales (74-76). In our
stimulated tissues, rapid responses (<1 hr) include the sharply
recoiling edge zones (Fig. 2), the short post-stimulation speed
equilibration (Fig. 3), and the quickly propagating and shift-
ing parallel strain waves during and after stimulation (Fig.
5E). These fast biomechanical responses contrast with the
multi-hour equilibration periods after stimulation, such as the
sustained rightward speed drop in recovering edges (Fig. 2C),
the very slow reversion to undirected migration in the tissue
bulk (Figs. 3A,C,E), and the return to coordination through
strain waves perpendicular to the field (Figs. 5D-E). Perhaps
most surprising was that coordination through strain waves
parallel to the field and cell-cell correlations in the bulk of the
tissue (Figs. 5D,E; Figs. 6C,D) displayed no sign of recovery
during the entire post-stimulation period—a regime at least
twice as long as the initial stimulation. These are reminiscent
of the different timescales in response to mechanical stretch
(74-76), and while electrotaxis does not necessarily stretch
the footprint of the tissue as a whole (54), it does induce
displacement and internal deformation by directing tissue flow
differently from that observed in an unperturbed tissue. As we
have shown that this flow plays out in a tissue with supracel-
lular behavioral zones, it should necessarily cause longer term
plasticity of tissue properties as each zone behaves differently
from each other. Future studies integrating these results with
whole-tissue traction force and cell-cell force analysis would
help to clarify this.

Such plasticity and susceptibility to control, along with the
apparent mechanical reset (Fig. 4), might explain why the
tissue maintains such a strong memory of directionality in
the tissue bulk (Fig. 3) post-stimulation, as the underlying
mechanical state had been entrained to the command direc-
tion. If each and every cell can sense the electrical stimulation,
the global command could eliminate the need for tissues to
coordinate flow with neighbors. While single-cell mechani-
cal analysis would be needed to better explore this, we saw
clues in our correlation length analysis (Fig. 6). In the direc-
tion of stimulation, fluctuations around the mean velocity un-
dergo an increase in length scale during electrotaxis—implying
longer-range cell-cell coordination—which may be necessary to
maintain tissue integrity at 2-5x increased migration speeds
induced by electrotaxis (Fig. 3B). Further, the coordination
realized during electrotaxis must be qualitatively different than
that of standard tissues as it is asymmetric (Fig. 6C vs. Fig.
6D) and is quickly lost after stimulation is removed; this is
consistent with previous work showing that the tissue tension
profile aligns perpendicular to the stimulation direction (54).

More generally, that even a simple, universal ‘command’
produced such nuanced behavior highlights not only the impor-
tance of taking into account supracellular, or supracollective
regional behaviors when controlling groups but, perhaps most
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importantly, that these behaviors may also differ from each
other and from expectations post-stimulation. Specifically, our
data clearly demonstrated that turning off a stimulus does not
simply allow a collective system to return to nominal behavior,
meaning that stopping stimulation can be just as transforma-
tive to tissue or group dynamics as starting it. These concepts
are important to consider in any collective system, whether
trying to control theoretical active fluids (77), to steer cells
(18, 35), or to herd sheep (78). In the longer term, understand-
ing the relevant timescales and coupling behaviors in driven
collective motion will likely help to improve stimulation and
control efficacy. Understanding the long-term effectiveness of
short-term migration stimulation in a given system can help
reduce the need for long term or more complex stimulation—
especially valuable in contexts such as in vivo applications
or therapeutics, including bioelectric bandages to accelerate
wound healing (22). Overall, these approaches and concepts
should also provide a foundation for comparisons of different
classes of global commands in tissues (e.g. chemotaxis or
optogenetics), as well as other collective systems. Finally, we
suspect that more optimal control in the future will involve
more tailored ‘commands’ specific to each functional region
within a group.

Data Availability Statement

High resolution, raw data are available on a Zen-
odo repository (10.5281/zenodo.5120700). Relevant
codes from our analyses are available on Github at

github.com/CohenLabPrinceton/ElectrotaxisSupracellularMemor

Materials and Methods

Cell culture. MDCK-II wild type canine kidney epithelial cells
were a gift from the Nelson Laboratory at Stanford Univer-
sity and were cultured in customized media consisting of
low-glucose (1 g/L) DMEM with phenol red (Gibco, USA;
powder stock), 1 g/L sodium bicarbonate (lower than stan-
dard DMEM), 1% streptomycin/penicillin (Gibco, USA), and
10% fetal bovine serum (Atlanta Biological, USA). Cells were
maintained at 37°C and 5% COg in humidified air.

Micropatterning of epithelial arrays. Standardized arrays of ep-
ithelia were produced using silicone tissue stencils built by
razor-writer as described previously (18, 33). A brief sum-
mary follows. 250 pum thick sheets of silicone elastomer (Bisco
HT6240) were cut into stencil patterns (5 X 5 mm square ar-
rays) using a razor writer (Silhouette Cameo) and transferred
into culture vessels. Suspensions of MDCK cells were then
seeded into the stencil patterns with the volume and density
tuned to produce uniformly dense tissues. Three ranges of cell
densities were analyzed here as follows. Medium density tis-
sues, averaging 2740 4 320 (SD) cells/mm?, were our baseline
samples and intentionally covered a large range. Tissues classi-
fied as high density tissues averaged 4450490 (SD) cells/mm?
and exhibited limited movement at the start of the experi-
ment, as was expected (58). Low density tissues, averaging
2230 4+ 90 (SD) cells/mm?, were at the lowest density while
still maintaining confluence in the 5 x 5 mm space. In all cases,
cells were cultured for 1 h to allow for adhesion and then the
dish was flooded with media and maintained for 16 h in an
incubator prior to being inserted in our electro-bioreactor as
described below.

Wolf et al.

Electro-bioreactor Design. The electro-bioreactor design used
here was modified from our SCHEEPDOG platform (18) for
uniaxial stimulation over a large culture area as described
previously (7). Briefly, a custom laser-cut acrylic housing,
combined with silicone adhesive layering for a tight seal, was
placed around a microarray of tissues in a 10 cm tissue-culture
dish to allow media perfusion from north to south and elec-
trical stimulation from west to east. The electro-bioreactor
accommodated a 35x17 mm cell channel, flanked on both
sides by salt bridges of 4% w/v agarose in phosphate-buffered
saline (PBS), through which the electric current passed from
Ag/AgCl electrodes, each sitting in a reservoir of 2 mL PBS.
Titanium probes were inserted into the agarose salt bridges
to monitor the voltage across the channel throughout the
assay; by connecting these to a USB oscilloscope (Analog
Discovery 2, Digilent Inc.), we were able to finely-tune the
electric current sourced by a Keithley 2450 SourceMeter (Tek-
tronix) with proportional feedback control using a custom
MATLAB script to ensure 3 V/cm during stimulation and
no current otherwise. For a complete summary of the ap-
proach and guidelines, see Zajdel et al (18) and our repositories
(github.com/cohenlabprinceton).

In this study, every electrotaxis experiment began by re-
moving the stencil surrounding the tissues 2 h before data
collection. After a 1 h unstimulated control period, electrical
stimulation was induced at 3 V/cm across the channel for 3 h
before the field was removed while imaging continued for the
remainder of the experiment. For the assay with chemical junc-
tional disruption, epithelia were otherwise treated as control
¥issues, but the perfusion media fed into the electro-bioreactor
was doped with 4 mM of EGTA (EMD Millipore Corp., USA)
for 30 minutes, from the 3.5 h to 4 h mark, timed to end at
the same time as the end of stimulation in our electrotaxed
tissue experiments.

Time-lapse imaging and data collection. We captured time-
lapse microscopy images every 10 min with an automated
inverted microscope (Zeiss Axio Observer Z1) equipped with an
XY motorized stage, controlled using Slidebook (3i Intelligent
Imaging Innovations). The microscope was equipped with
a 5x/0.16 phase contrast objective, a Photometrics Prime
(Photometrics, Inc.) sCMOS camera, and a custom-built
cage incubator to maintain 37°C. Inside, fresh media with
continuously bubbled 5% CO2 was perfused with a peristaltic
pump (Instech Laboratories) through the electro-bioreactor at
a rate of 2.5 mL/h.

Image post-processing, particle image velocimetry (PIV), and
nuclear cell tracking. FIJI (https://imagej.net/software/fiji)
was used to process all tiled time-lapse images through
template-matching (79), stitching (80), and masking. Velocity
vector fields were calculated from the processed time-lapse
images using particle image velocimetry based on PIVlab
(81, 82), with a two-pass iteration of 64x64 pixel and 32x32
pixel interrogation windows, both with a 50% step size, pro-
viding a 16-pixel final step size between vectors. We filtered
out vectors that were outside five standard deviations and
replaced them with interpolation. All data was then analyzed
with MATLAB (Mathworks, 2019a), providing visualizations

of the cell movements across the entire tissue.
Cell nuclear and density data were calculated by segment-
ing images from our in-house Fluorescence Reconstruction
bioRxiv |
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Microscopy tool (83), a convolution neural network trained
to produce images of nuclei from our phase contrast images.
We also used this output to calculate trajectories of cell nu-
clei within a 150 pm thick zone from the edges, taking only
the center 2 mm near each edge. We linked cell tracks with
Linear Motion Tracking, after detecting spots filtered by the
Laplacian of the Gaussian, using FIJI’s TrackMate plugin (84).

Average kymographs. We first created representative kymo-
graphs by averaging over the vertical direction across the entire
width of each tissue, excluding the outer 1.5 mm of the top
and bottom. We then aligned kymographs based on the initial
centroid of each tissue and averaged across all tissues for each
condition. We did not plot points at the outer boundary that
had not yet been reached by more than a single replicate.

Strain wave propagation analysis. PIV analysis requires
grayscale images, so we mapped €, and é,, vector fields
from all timepoints to 8-bit grayscale image sequences. As
such, we mapped the maximum and minimum 0.1% of strain
rate values from each vector field to 255 and 0, respectively,
interpolating the remaining values to the appropriate integer
between 0 and 255. We then performed PIV analysis on the
resulting image sequences, using 32x32 followed by 16x16
pixel windows with 50% overlap. Note that the resulting fields
of strain rate propagation will then have resolution 8x less than
strain rate. Each pixel of strain propagation then represents a
256 x256 window of the original phase contrast images.

Characteristic time scale analysis. Characteristic time scales
were obtained by fitting exponential decay curves to mean
|Vz| and directionality order parameter ¢ data using a custom
MATLAB script. A nonlinear model was fit to the data after
the end of stimulation, from the fourth through tenth hour,
using the model functions f(z) = Ce™ 7 for mean directionality
order parameter and f(z) = A+ Ce™ 7 for mean |V;|. Initial
values for the model were taken directly from the data. R>
was greater than 0.91 for all fits.

Correlation length analysis. Spatial correlation lengths were
calculated using a custom MATLAB script. Briefly, 2-D spa-
tial autocorrelation was performed on PIV vector field data
utilizing the xcorr2() function, and a radial scan of the auto-
correlation matrix was used to obtain a correlation curve. The
correlation length was obtained by interpolating the correla-
tion curve and calculating the distance at which the correlation
drops below 10% of its maximal value.

Traveling wave analysis. Inward traveling waves of cell mo-
bilization visualized in mean directionality order parameter
kymographs of both electrically stimulated and EGTA-treated
(chemical junctional disruption) tissues alike were analyzed
using a custom MATLAB script. Kymographs were trimmed
and binarized before masked using a watershed. Regions of
the image were then filled and closed boundaries were located
using built-in morphological operations. The traveling waves
were then found by finding the first non-zero pixel in each
respective half of the image. For speeds, a linear fit was made
to the discovered waves, and slopes were reported.

Statistical analysis. Statistical tests were conducted using
GraphPad Prism 9.1.2 (GraphPad Software) with an unpaired

10 | July 27,2021 | bioRxiv

two-sided Mann-Whitney non-parametric U test. When com-
paring a variable between stimulated and control tissues, en-
semble values (and not, for example, individual PIV vector
data) for each tissue were calculated and then each classifica-
tion group was compared one against the other.
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